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Abstract
Driving small molecules, such as DNA, electrophoretically through a nanometre-sized 
pore provides single-molecule sensitivity and analytical properties (e.g. sequencing) 
without prior molecular amplification and necessity for labeling. Theoretical and expe-
rimental investigations indicate that the forces, which contribute to this translocation 
process, depend on an interplay of ionic screening and hydrodynamics. Therefore, it 
is of essential importance to study and characterize these threading forces to gain a 
deeper understanding of the underlying mechanisms.
Utilizing optical tweezers, the experimental results presented here have expanded 
the force measurements in solid-state nanopores to include a surface modification by 
a lipid bilayer coating. It was demonstrated that the DNA threading forces increased 
by 80 % compared to an uncoated nanopore of the same size. Thus, these findings 
led to a more comprehensive theoretical description of polyelectrolyte dynamics in 
the highly confined environment of a nanopore.
In addition, a fundament of preparation techniques was explored and established, 
to demonstrate that it is possible to produce nanopore-spanning and thus, freestan-
ding lipid bilayer membranes. It was shown that these lipid bilayers were stable for 
hours and suitable for the incorporation of α-hemolysin (a pore-forming protein). 
Furthermore, free translocation experiments with DNA-oligomers through this biolo-
gical pore were conducted successfully. Based on this technological fundament, it will 
be feasible to conduct optical tweezers threading force measurements on these bio-
logical pores, in order to provide prospective influential insights, as well as additional 
contributions to an unambiguous theoretical model.
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Introduction and Motivation 1
1 Introduction and Motivation 
Biophysics is an interdisciplinary research field, where biological issues about life in 
its variety and complexity are studied by physical and mathematical laws providing 
detailed predictions about mechanisms that drive idealized biological systems. There-
fore, numerous physical techniques are developed and utilized to measure diverse 
properties, such as mechanical forces, electric charges, ion currents, binding and 
decay rates and optical, electromagnetic or acoustical spectra. Unlike other scientific 
fields, biophysics is mostly based on an inductive approach, i.e. the study of single 
specific details in order to expand upon a valid theory that can then be transferred 
to increasingly complex structures, leading to an overall understanding. One specific 
detail within this complex field is (e.g.) the investigation of single molecules to mini-
mize or prevent disturbing influences on ensemble data. 
One molecule of particular interest is deoxyribonucleic acid (DNA), which forms the 
genome and provides the blueprint for all organisms[1]. The capability to swiftly and 
precisely gain knowledge about DNA composition is crucial to many biological scien-
ces[2]. Since a new era of synthetic genomics and personalized medicine is currently 
underway, the demand for highly efficient DNA sequencing technologies is rising. 
Straightforward decoding of genetic material will shed light on uncharted biological 
functions and phenotypic variations. Thus, metagenomic endeavors[3,4] are enabling 
new methods in genetic engineering and thereby, in turn, providing the creation of 
artificial life in the service of humanity[2]. Such future synthetic organisms may pave 
the way for systems capable of absorbing excessive carbon dioxide from the atmos-
phere or for generating petrol substitutes[2]. In addition, sequencing human, bacterial 
and viral genomes at economic conditions, would lead to a quantum leap in health 
care systems due to improved diagnosis, understanding and treatment of diseases[5]. 
There are many aspects that need to be taken into account in DNA sequencing, such 
as read length, bases per second and raw accuracy when discussing the methodo-
logy[2]. Sanger sequencing (introduced in 1977) is one of the most seminal inventions 
in the field of biology[6]. The evolution of this technique (nearly 25 years later) resulted 
in alternative approaches that utilize bioluminescence sequencing by synthesis[7]. At 
present, there exist a variety of sequencing techniques, each with their own benefits 
and disadvantages. Even though this short read, high-throughput, next generation 
sequencing techniques has transformed our understanding of microbiology[8], they all 
require extensive biochemical labeling as well as sample preparation and even more 
importantly, they do not support long read lengths[9,10]. Therefore, DNA sequencing 
by the fast growing field of nanopore (NP) technology can be an alternative method 
for producing long-read sequence data[11,12]. 
Certainly, nearly everyone knows of the struggle to thread a yarn through the eye of 
a needle. As a matter of fact, it is even more difficult, if the needle’s eye is as small 
as a thousandth part of a single human hair and the thread is a single DNA strand. 
This image by Decker[13] illustrates the dimensions which are involved in context of 
translocation through an nanometre-sized pore. The NP approach provides single-
molecule sensitivity and analytical properties that are achieved by driving molecules 
electrophoretically through a NP without prior molecular amplification and necessity 
2for labeling[11,14,15]. The basic functioning can be described as a coulter counter sys-
tem, where two chambers, containing aqueous electrolytes, are separated by an 
insulating membrane and are only connected by the NP. When a voltage is imposed 
across such a NP, which offers a highly confined channel structure, the resulting ionic 
current can be measured and the translocation of single nucleic acid polymers can be 
studied at high throughput[11,15]. By an even deeper insight, it should also be feasible 
to detect DNA in such a way that the sequence of obtained signals reflects the native 
order of nucleobases in a polynucleotide[11]. In addition, the prediction of long reads 
of (kilobase length) polymers provides a unique analytical capability that makes inex-
pensive, rapid DNA sequencing possible and offers the prospect of a next generation 
technique that will be able to sequence a diploid mammalian genome for ~ $ 1 000 in 
about h24 [11]. Therefore, the NP-based technology has the potential to revolutionize 
the basic research and clinical medicine, as well as to tap into new sectors of custo-
mers who need genetic fingerprinting for food safety, forensic science or agricultural 
biotechnology[5,9].
In general NPs can be classified into two categories: solid-state NPs and biological 
NPs. The key difference is the presence of a pore forming structure versus only the 
opening itself. Solid-state NPs are mostly based on artificial membranes made of 
varying materials, such as silicon, silicon-nitride, silicon-dioxide or new 2D-mate-
rials[16], like graphene, molybdenum disulfide or carbon nanomembranes. In this 
context, the NP represents an absence of material in a highly confined volume, crea-
ting a hole or channel structure. In contrast to this, biological NPs are very small 
specific shaped objects (most commonly proteins), which exhibit a natural channel 
structure, and thus in turn have to be incorporated into membrane systems (such as 
lipid bilayer membranes or artificial membranes). The application of the pore-forming 
Staphylococcus aureus toxin α-hemolysin as a biosensor was pioneered by Bayley 
and colleagues[11,17] and has become the protein of choice for this type of research[13]. 
In 1996 Kasianowicz et al. reported the first demonstration of the transit of nucleic 
acids through such an α-hemolysin pore[18], followed by hosts of publications, where 
many aspects of this translocation process were examined in detail[19–24]. The new 
field of engineered protein pores or DNA-origami pores is an additional driving force 
for the further development of biological NPs[25–27,28].
As described so far, sequencing polynucleotides with NPs promises exciting potential 
advantages, however, the encoding of the base sequence has been hampered by 
the high translocation velocity together with the effect that the recorded signal is 
influenced by several nucleotides[9,11,29]. Several approaches have been made to slow 
down translocation speeds, such as the utilization of DNA hairpin structures, protein 
attachment to one end of the DNA[22,30,31] or the theoretical explored translocation 
by thermophoresis[32]. In 2010, the Akeson group[33] presented the use of DNA poly-
merase that drives a DNA template through a NP in single-nucleotide steps as DNA 
is synthesized. This concept was further developed by Cherf at al.[34] and Manrao et 
al.[35] in 2012. In these studies, the authors independently showed that information 
about the sequence can be acquired by the use of phi29 DNA polymerase to slow 
DNA translocation to a speed that is sufficient to reading base-specific current levels. 
Currently, the company Oxford Nanopore Technologies is pushing this concept even 
further and into commercialization by two NP sequencing platforms (GridION and 
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MinION), delivering high-throughput and ultra-long sequence reads at low costs[36]. 
Even though there is still a need for further improvements (especially increasing the 
relative high error rates)[37], Ashton et al. and Ammar et al. presented data showing 
that it is feasible to resolve the structure and chromosomal insertion site of a compo-
site antibiotic resistance island in haplotypes[12] as well as encode two specific genes 
variants and haplotypes[38]. This was achieved by a single 24 h sequencing run of the 
MinION sequencer and without the necessity for statistical phasing. 
It is noteworthy, that developements in the field of optical sensing methods[39] and 
glass capillaries for NP sensing are also in progress and may provide additional posi-
tive impact to this research field[40–42]. In addition, the recently introduced graphene 
NPs also present an intriguing alternative to biological and “conventional solid-state” 
NPs, because with its thickness of only a single carbon atom graphene is the ultimate 
NP membrane material[43–45].
As introduced, several different scientific disciplines contribute to the field of NP 
research, each of them specified in another detail. The wide variety of experimental 
studies analyzing DNA translocation through NPs has progressively led to the need for 
a fundamental understanding of the translocation process[13]. In order to characterize 
this mechanism, the magnitude of the involved force is of essential importance[46]. 
These forces play a significant role in biological polymer transport, e.g. in gene 
transfer between bacteria and transport of RNA through nuclear membranes[46]. The-
oretical and experimental investigations of the physics of electrophoresis indicate 
that the involved forces depend on an interplay between ionic screening and hydro-
dynamics[47]. Therefore, the versatility of NPs can be particularly enhanced by their 
integration into optical tweezers (OT) systems, providing controlled positioning of 
single molecules with respect to the NP and direct monitoring of the forces acting on 
them[48]. The first measurements of forces acting on a single polynucleotide molecule 
in a solid-state NP, by a combination of optical tweezers and ion current detection, 
were reported in 2006 by Keyser et al.[46]. The authors showed that it was feasible 
to slow down and even arrest the translocation of a DNA molecule by the opposing 
forces generated by the utilized optical trap. For this purpose, one end of the DNA 
is attached to a microbead, which in turn can be trapped in a laser focus. Once the 
distance between such a bead-DNA complex and the NP is close enough, the DNA 
molecule is inserted into the pore by the voltage driven electrophoretic force and 
can then be measured by the partial deflection of the bead away from the trapping 
focus. In 2009 van Dorp et al. reported, that the stall force gradually decreased with 
increasing diameter of the NP[47]. This finding disagreed with the expectation gover-
ned by simple electrostatics, unambiguously demonstrating the large impact of the 
hydrodynamic environment.
In addition, NP-based OT studies can be utilized to detect and characterize local 
structures along single molecules for (e.g.) directly probing RNA secondary struc-
tures via sequential unfolding of duplex regions[48] or for studying the translocation 
dynamics of a single protein molecule that is attached to a double-stranded DNA[49]. 
In this work, Spiering et al. could show in 2011 that the observed distinct asymmetric 
and retarded force signals depend on the protein charge, the DNA elasticity and its 
counterion screening. Furthermore, the translocation dynamics reflect the stochastic 
4nature of thermally activated hopping between two neighboring states in the NP[49].
Despite the aforementioned and numerous other sophisticated studies, an unambi-
guous theory of the hydrodynamic influences on the DNA translocation process has 
not been reported[47]. This problem will be addressed in this thesis by the study of NP 
surface modifications, using lipid bilayers and by characterizing the involved impact 
on optical tweezers DNA force measurements. As it was suggested by Luan et al. in 
2010, the transport of DNA trough a NP can be controlled by the charge state of the 
utilized membrane material, and thus the physical translocation mechanisms can be 
altered by either chemical or electrical surface modifications[50]. One possible way of 
such a modification by coating the NP with a fluid lipid bilayer, was reported by Yusko 
et al. in 2011. This study demonstrated the incorporation of mobile ligands in the 
bilayer and slowed the translocation speed of targeted proteins sufficiently enough to 
record time-resolved translocation events[51]. Nevertheless, the impact of such a coa-
ting on the electrophoretic force acting on the DNA has remained, so far, unknown. 
The surprising results presented in this thesis close this gap and indicate that the 
nanostructure of the DNA (hydrophilic phosphate groups and hydrophobic grooves) 
has to be taken into account for understanding the dynamics of polyelectrolytes in 
the highly confined environment of a NP. Additionally, these experimental findings will 
be described and discussed by a quantitative theoretical model (developed by Peter 
Reimann and Andreas J. Meyer from the Condensed Matter Theory Group at Bielefeld 
University), which incorporates a hydrodynamic slip effect on the DNA surface.
The second aim of this thesis is the further development of methods for investiga-
ting and producing freestanding and stable lipid bilayer membranes that are suitable 
for both incorporation of biological pores and later optical tweezers measurements. 
Three different approaches are examined and their individual capabilities and limits 
are discussed.
Subsequent to this first introductory chapter, the next section recapitulates the requi-
red basic biological, physical and theoretical fundamentals followed by a summary 
of the utilized materials and a detailed description of the experimental setups and 
fabrication protocols for each approach, respectively. Finally, the experimental results 
are presented and discussed and a summary, including future prospects, is provided. 
In addition, the appendix contains a list of publications, conference participations and 
the authors’ curriculum vitae.
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2 Background and Theory 
This first chapter is about the basic physical, biological and chemical background 
theory, which are fundamental for understanding the conducted experiments. After 
the description of important biomolecules the three mainly used experimental setups 
are introduced, followed by an overview of the investigated types of nanopores and 
the corresponding forces between a DNA-molecule and a nanopore.
2.1 Biomolecules
The biological key components used in this thesis are DNA, phospholipids and pro-
tein-pores like toxins. The following three chapters present these molecules and their 
special characteristics. 
2.1.1 DNA 
The DNA (deoxyribonucleic acid) can be described as a cellular library. This library 
contains all information, which is necessary for the setting and structure of a cell or a 
complete organism. Classical geneticist like Gregor Mendel and Thomas Hunt Morgan 
identified that this huge amount of information is organized in subunits, the so-called 
genes[52]. In a modern working definition a gene can be described as a locatable 
region on a stretch of DNA, which corresponds to a unit of inheritance. This in turn is 
associated with regulatory, transcribed and other functional sequence regions, whose 
code is essential for the accurate function of an organism[53,54]. Because of the great 
importance of this (information carrying) molecule in context of full understanding 
living organisms, DNA is - among other molecules, which bind to and interact with 
the DNA (e.g. ligands) - a substantial part of the applied and theoretical biophysics 
research.
DNA was first isolated and identified by Friedrich Miescher in 1869[55,56]. Building on 
several other discoveries concerning the molecular composition of the DNA, James 
Watson and Francis Crick suggested (based on a single X-ray diffraction image taken 
of Rosalind Franklin and Raymond Gosling) in their famous Nature-article in 1953 
first the correct structural description of the DNA, wherefore they received the Nobel 
Prize in 1962[57]. The DNA is made up of two long antiparallel oriented biopolymer 
strands which are coiled around each other forming a chainlike double helix structure. 
Each polymer strand consist of single subunits, respectively monomers - the so called 
nucleotides – which in turn can be subdivided in three basic molecular components: 
a phosphate group, a sugar base and an organic base (see Figure 2.1 A). The sugar 
is desoxyribose (pentose), consisting of five carbon atoms, which are numbered in 
line from 1’ to 5’. The negatively charged phosphate group is connected via a phos-
phodiester bond to the 5’ carbon atom and the base is linked to the 1’ carbon atom 
of the sugar (Figure 2.1 B). The base components of DNA nucleotides can be either a 
purine like adenine (abbreviated A) or guanine (G) or a pyrimidine like cytosine (C) 
or thymine (T). To form a polymeric strand the single nucleotides are connected via 
6another phosphodiester bond, which links the hydroxyl group located at the 3’ car-
bon atom of the pentose with the phosphate group located at the 5’ carbon atom of 
the neighboring nucleotide. Thereby alternating phosphate and sugar residues build 
up the backbone of a DNA strand[58] (see Figure 2.1 C). The asymmetric ends of a 
single DNA strand are named 5’ end and 3’ end, whereby the 5’ end has a terminal 
phosphate group and the 3’ end a terminal hydroxyl group. This certain directionality, 
known technically as 5’ prime to 3’ prime, is an important characteristic. A polynuc-
leotide strand is synthesized by the enzyme DNA polymerase by repeatedly adding 
a new nucleotide to the 3’ end, whereby the sequence is based on an existing DNA 
strand (so-called templates). 
  
As mentioned above, almost all DNA molecules exist in form of two antiparallel single 
polynucleotide strands, held together by non-covalently hydrogen bonds between the 
opposing bases (see Figure 2.2 A). Furthermore there is just one enabled combina-
tion for pairing two bases; either adenine with thymine (via two hydrogen bonds) or 
guanine with cytosine (via three hydrogen bonds). Because of this restriction one 
strand has a nucleotide sequence which is complementary to the second strand and 
a backbone with opposite directionality. At physiological conditions the two strands 
coil around each other forming a double helix[57]. This is a very robust configuration 
that can accommodate any sequence of nucleotides without altering its basic struc-
ture[1]. Among the hydrogen bonds between opposing bases the double helix is 
stabilized by the lightly twisted stacking of the base pairs[59]. The DNA exist in many 
different conformations, whereat the most common one in functional organisms is 
the so-called B-DNA[58]. The double helix has a diameter of nm2.4 , is right handed 
and shows a full turn at nm3.4  corresponding to 10.4 involved base pairs. The dis-
tance between two base pairs is nm0.34 [60]. The alternating base pairs are nearly 
covered by the negatively charged backbone, but as the strands are not full symme-
trically arranged with respect to each other, they form grooves (see Figure 2.2 B). 
The major groove is nm2.2  wide and the minor groove is nm1.2  wide. As a conse-
quence this regions are possible binding sites for DNA binding molecules like 
polymerases or transcription factors[61].
As DNA was introduced as a kind of molecular library, the obvious question is how 
the information is stored. The secret consists of the specific base sequence that 
encodes the biological information. Three sequent bases (e.g. TCA, CAG, TTT) are 
called codon and code for a specific amino acid[62]. A long row of codons represents 
a region of the DNA that is named gene, whereat each gene is responsible for the 
composition and structure of protein molecules (which are made of amino acids). 
Figure 2.1
Schematic (A) and chemical for-
mula (B) of a single nucleotide, 
showing their sugar, phosphate 
and base. In addition, a single 
strand is sketched (C). 
This figure was created 
inspired by[1].
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To differentiate between genes there exist stop or nonsense codons, signifying the 
end of a coding region[63]. DNA molecules exist in aqueous solution not in a linear 
extended form, but like a protein-stabilized clew (though the DNA-backbone is strong 
negatively charged). This statistical behavior is caused by the interplay with surroun-
ding molecules and other entropic effects. 
A wide variety of structural proteins (e.g. histones) exist in cellular environments, 
which organize the double-stranded DNA (dsDNA) into a very compact structure[1]. 
Hence, without folding a dsDNA molecule it would not fit into a single cell, because of 
its immense length (about 2 m for the human genome). Therefore, the investigation 
of the stability and mechanical properties of DNA molecules plays an essential part 
for a profound understanding of biological processes. In addition, such specific know-
ledge (e.g. obtained by force spectroscopy methods) is of high interest for medical 
and biotechnological applications.
2.1.2 Proteins and Biological Pores 
Looking through a microscope at cells and analyzing their optical components or 
biochemical and electrical activities is essentially like observing proteins[1]. The cell’s 
dry mass consists mostly of proteins and to get a sense of the dimensions, a single 
haploid yeast cell for example contains the total number of ~ 50 million proteins[64]. 
As one can imagine this class of molecules represents not only the building blocks 
from which cells are made of, but also execute the bulk of physiologic functions in 
an organism. Some proteins are responsible for carrying messages, act as signal 
integrators or operate as tiny molecular machines with moving parts. Yet others form 
channels or pumps in membranes for controlling exchange of small molecules. There 
are proteins like enzymes, providing complex molecular surfaces in cellular environ-
ment, which are responsible for promoting many chemical redox reactions. There 
are much more examples for specialized proteins acting for instance as hormones, 
elastic fibers, toxins, antibodies, antifreeze molecules or source of luminescence[1]. 
The chemical composition of a number of proteins was first described by the chemist 
Gerardus Johannes Mulder, who published a paper in 1838 entitled “On the composi-
tion of some animal substances”[65]. His results - after elemental analysis of common 
animal and plant proteins - surprisingly led to the conclusion that nearly all proteins 
Figure 2.2
Schematic of the formation 
of a second strand, which is 
complementary to the first and 
exhibit a backbone with opposite 
directionality (A).
At physiological conditions the 
two strands coil around each 
other forming a double helix, 
which is visualized in (B).
This figure was created 
inspired by[1].
8had the same composition, namely C400H620N100O120P1S1. He also hypothesized that 
all proteins are made up of one fundamental substance and identified much smaller 
molecules (compared to proteins) that came to be called amino acids, because they 
consist of both amino and carboxylic acid characteristics[66]. The right inset in Figure 
2.3 A shows the general structure of an amino acid: A central carbon atom (C) is bon-
ded to a carboxyl group (-COOH), a hydrogen atom (-H), an amino group (-NH2) as 
well as to a side chain (residue: R). This side chain differs from amino acid to amino 
acid and causes a great variety of chemical and physiological properties (e.g. polarity, 
hydrophobic or hydrophilic characteristics, acid-base equilibrium, etc.). The chemical 
structure of a side chain can be simple (e.g. a single hydrogen atom in case of the 
amino acid Glycin) as well as more complex (e.g. aromatic rings as observed for 
Tryptophan or Phenylalanin). The single amino acids are covalently linked via a pep-
tide bond (see left inset in Figure 2.3), which forms when the nitrogen atom from the 
first amino acid shares electrons with the carbon atom (from the carboxylic group) of 
the second amino acid. Within this condensation reaction a water molecule (H2O) is 
released[1,52]. A whole protein consists of a long single stranded chain of these amino 
acids and is called polypeptide. This primary sequence, as shown in Figure 2.3 A, is 
unique for each type of protein. This primary sequence is not directly responsible for 
the proteins biological function, but its three dimensional spatial structure. 
For example, receptor-ligand interactions are based on the formation of very specific 
binding pockets that identify distinct target molecules (lock-and-key principle). The 
folding of an amino acid chain (leading to the spatial structure) is constrained by 
bond angles and supported by many different non-covalent bonds (hydrogen bonds, 
Figure 2.3
The primary protein 
structure consists of a long 
single-stranded chain of amino 
acids (A). The chemical struc-
ture of a single amino acid is 
depicted in the round inset. 
Two adjacent amino acids are 
connected via a peptide bond 
(square inset).
The secondary protein structure 
describes repeatedly reocurring 
conformations such as the 
α-helix and the β-sheet (B).
The tertiary protein structure 
describes the three-dimensional 
conformation (C).
If a protein is build of more than 
one polypeptide chain, this con-
formation is called quarternary 
protein structure (D).
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ionic bonds and van der Waals attractions) that are formed between one port of the 
chain and another. A single non-covalent bond is weak in contrast to covalent bonds 
(30 to 300 times weaker)[1], but by acting of many weak bonds in parallel they can 
precisely hold two chain regions together. Such shapes of repeatedly reoccurring 
conformation are described by the secondary protein structure. In Figure 2.3 B the 
structure of the α-helix and the β-sheet is schematically illustrated. The tertiary pro-
tein structure (image C) describes the exact three-dimensional conformation of the 
whole chain. Among the weak forces noted above a fourth weak force has a central 
role in defining single folding steps as well as the final folded conformation. In an 
aqueous environment the nonpolar side chains of some amino acids tend to be forced 
together, thus minimizing their disturbing effect on the hydrogen-bonded network 
of water molecules[1]. As a result, the final protein conformation is the structure 
which exhibits the minimized free energy. The quaternary protein structure (image 
D) describes the ability of some proteins to form larger protein complexes with more 
than one polypeptide chain involved. The same weak forces enabling the initial pro-
tein folding and forming of binding pockets are also responsible for the complex 
structure[52].
The following introduces the two most important proteins in context of this thesis.
Binding of biotin to streptavidin
The binding of the biomolecules biotin and streptavidin is one of the strongest non-
covalent interactions known in nature[67,68]. Based on its resistance to organic solvents, 
denaturants and extremes of temperature and pH, this binding is extensively used in 
molecular biology and bionanotechnology to link biomolecules or to immobilize them 
onto surfaces. The high affinity results from several factors[67]. There is an extensive 
network of hydrogen bonds and van der Waals interactions between streptavidin and 
biotin as well as specific ordering of some surface polypeptide loops that bury the 
biotin in the interior of the streptavidin binding pocket. This binding pocket is formed 
by the secondary structure of a streptavidin monomer, which is composed of eight 
antiparallel β-sheets and leads to the formation of an antiparallel β-barrel tertiary 
structure (see Figure 2.4). 
The biotin binding-site is located at the end of each barrel and is made of residues 
from the interior of the barrel. In addition, the association of four identical streptavi-
din monomers, forming a tetrameric complex structure, preserve the ability for the 
contribution of one subunit to support the binding of a neighboring subunit (by means 
of a Tryptophan side chain)[67]. Due to its strong interaction (with a dissociation 
Figure 2.4
Schematic illustration of the 
biotin-streptavidin binding. 
The streptavidin (blue ribbon 
representation) exhibits a bin-
ding pocket in which the biotin 
(colored space filling picture) is 
located[69].
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constant of about mol l−1410 )[70] this binding construct is utilized to immobilize dsDNA 
(attached to biotin) onto the surface of a microsphere (coated with streptavidin). 
With this method it is possible to perform optical tweezers force measurements with 
individual dsDNA strands, without breaking this binding, and thus be able to detect 
forces in the high piconewton regime[71,72].
Pore forming toxin α-hemolysin
Biological membranes contain a great variety of membrane proteins, which play a 
crucial role for different processes, such as for signal transduction and neurotrans-
mitter transport. Thus, these proteins are considered as a target for more than half 
of all pharmaceutical drugs[73,74]. Some diseases such as pneumonia, meningitis or 
infections of the urinary tract are immediately caused by the protein toxin α-hemolysin, 
which is produced and secreted by virulent strains of Escherichia coli bacterial spe-
cies[75–77]. Among E.coli hemolysin can be segregated by many different kinds of 
bacteria such as Staphylococcus aureus or Vibrio parahemolyticus and other patho-
gens. One of the most studied protein pores is α-hemolysin of Staphylococcus aureus. 
This is a self-assembling kDa232.4  toxin that can bind in its monomeric form to a 
cellular membrane, where it oligomerizes into a water-filled transmembrane chan-
nel[78–80]. The pore-forming property induces uncontrolled permeation of water, ions 
and small organic molecules through the membrane resulting into cell death via irre-
versible osmotic swelling (leading to cell wall rupture and eventually cell lysis), 
dissipating the transmembrane potential or discharge of essential molecules like 
ATP[78]. Blood cells of different types (human platelets, monocytes a.o.)[81] are highly 
susceptible to membrane permeation by α-hemolysin. The first crystallographic 
structures of an assembled α-hemolysin were presented by Song et al. in 1996 where 
they show the heptameric organization of its protomers[82] (see Figure 2.5). 
The protein pore exhibits a mushroom-like shape, with a β-barrel stem ( Å52 ), that 
protrudes from the cap domain through the lipid bilayer membrane into the cells 
interior. The cap consists of a large vestibule (nanocavity with diameter of Å4.6 ) 
that is connected to the cell’s exterior by a large opening ( Å2.6 ). The narrowest part 
of the channel is located at the base of the stem with a constriction diameter of Å1.4  
(see also Figure 2.16 A). This protein channel is highly suitable for various biotech-
nological applications, because of several vital properties[78]. Once assembled 
α-hemolysin is stable over a wide range of temperature and pH, it can bind to various 
Figure 2.5
Ribbon representation of the 
α-hemolysin heptamer struc-
ture, which was published by 
Song et al. in 1996[82]. Each 
protomer is shown in a different 
color. A: view perpendicular to 
the sevenfold axis. B: view from 
top of the heptamer and parallel 
to the sevenfold axis.
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biological and synthetic lipid bilayer membranes and the channel is in an open state 
at usual conditions. In addition, the binding process is of spontaneous nature, and 
thus requires no specific ionic conditions[78]. It is also feasible to implement trigger by 
external stimuli by means of genetic engineering, which lead to switching between 
the open and close state[83,84]. When α-hemolysin is incorporated in a lipid bilayer 
membrane, the channel can be used as stochastic sensor. This can be achieved by 
applying a voltage bias and detecting variations in the transmembrane ionic current, 
while molecules (with suitable size) are passing through it. More detailed information 
about α-hemolysin acting as a biological nanopore sensor for investigation of linear 
macromolecule translocation is presented in 2.5.
2.1.3 Lipids and Lipid Bilayer Membranes
Next to DNA and proteins, lipid molecules constitute the third part of biomolecules – 
apart from water – and represent the main mass fraction of most living organisms. 
The investigation of modern lipid chemistry started in the 17th and 18th centuries 
with initial observations by Robert Boyle, Poulletier de la Salle, Antoine François 
de Fourcroy and others[85]. In the 19th century the chemist Michel Chevreul identi-
fied oleic, butyric, capric and stearic acids and cholesterol as components of animal 
fats[86] and showed that fats were comprised of glycerol and fatty acids[85]. Another 
milestone in analyzing fats and oils as well as describing their structure-property 
relationships was the introduction of the iodine value in 1884 by Arthur van Hübl[87,88], 
which was used to determine the amount of unsaturation in fatty acids.
All various types of lipid molecules in cellular membranes are of amphiphilic nature, 
i.e. they have hydrophilic (water-attractive, polar) head as well as a hydrophobic 
(water-repellent, nonpolar) tail (see Figure 2.6). The most abundant membrane 
lipids are phospholipids, which have a polar head group and two hydrophobic hyd-
rocarbon chains[1,52]. These tails are normally fatty acids, which differ in length and 
amount of cis-double bonds (i.e. it is unsaturated). These differences are essential, 
because they provide various possible packing arrangements and thus affecting the 
fluidity of the membrane[1]. The formation of bilayer structures (arranged sponta-
neously in an aqueous environment) as pictured in Figure 2.6 is directly induced by 
the shape and amphiphilic properties of each single lipid molecule. Here, hydrophilic 
molecules can form either electrostatic interactions or hydrogen bonds with water 
molecules (why they are dissolvable), whereas hydrophobic molecules cannot form 
any favorable interaction with adjacent water molecules, and thus are insoluble in 
water. Once such molecules are dispersed in an aqueous environment they force the 
neighboring water molecules to rearrange into icelike cages that enclose them[1,89]. 
These cage structures in turn cause an increase of free energy, because of the higher 
order of the water molecules. To minimize the free energy costs, the hydrophobic 
molecules (or hydrophobic parts of amphiphilic molecules) arrange as cluster in order 
to influence the merest number of water molecules[1,52]. This is the driving energy 
for the spontaneously aggregation of lipid molecules to hide their hydrophobic tails 
and directing their hydrophilic heads towards the water. Thus, they can form sphe-
rical micelles (with only the tails inwards) as well as bilayer sheets or vesicles (with 
tails sandwiched between the head groups), which are illustrated in Figure 2.6. The 
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specific form depends on the shape of the single lipids (cylindrical or conical), which 
in turn depends on the number of tails, the number of double bonds and the size of 
the head[1].
The energetic most favorable arrangement is also the driving force for another impor-
tant property of phospholipid bilayers: self-healing feature. Once a small tear appears 
in a bilayer, this would generate a free edge with water which is eliminated (or previ-
ously prevented) by spontaneously rearrangement of the lipids. Unilamellar vesicles 
also have a favorable form, because the bilayer exhibit no edge towards water by 
closing in on itself[1,89]. Beside this self-sealing phenomenon it is also noteworthy 
that these bilayers are fluid, i.e. individual lipid molecules are able to diffuse within 
a bilayer. This property is crucial for the functionality of most cellular membranes[52]. 
In general, lipid membranes allow for maintaining an internal milieu that differs 
from the external surrounding. In addition, eukaryotic cells contain several internal 
membrane systems, which encloses specific compartments and thus enables spa-
tial separated biochemically reactions[90]. Furthermore, membranes work in selective 
manner, i.e. they supply little permeability for ions and contain incorporated protein 
channels. These proteins act like checkpoints and ensure a controlled exchange of 
various solutes. Some checkpoints also allow for signal transduction across the mem-
brane border without material transport, which is realized by conformational changes 
of specific receptor molecules[91]. By accomplishment of ionic, pH or electrical charge 
gradients across the membrane it is also feasible to ensure fast signal responses as 
well as to store energy[90]. Cargo transport between different compartments within 
a cell (or between different cells) is accomplished by small vesicles, which are able 
to perform budding, fission and fusion into an external membrane[91]. The ability to 
generate artificial vesicles with various lipid compositions provides a very important 
tool in biological, biophysical and pharmaceutical research to study the versatility of 
membrane functions.
Phospholipid structure
Figure 2.7 pictures the three primarily used types of phospholipids[92]. POPC (1-pal-
mitoyl-2-oleoyl-sn-glycero-3-phosphocholine) is naturally present in eukaryotic cell 
membranes, and thus is a widely used lipid for biophysical experiments (e.g. the study 
of lipid rafts[93,94]). It has one monounsaturated tail of 18 carbon atoms and a second 
saturated tail of 16 carbons. DOPC (1,2-dioleoyl-sn-glycero-3-phosphocholine) has 
Figure 2.6
Lipid molecules (in the left) 
have a nonpolar hydrocarbon 
tail and a polar head. 
Within aqueous solution they 
can be packed in different arran-
gements as micelles or vesicles. 
A shell of a cell mainly consists 
of lipid bilayer structures. 
The Sketch was created 
inspired by[52].
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the same relevance as POPC and differs in its chemical structure only in the second 
tail, exhibiting a second monounsaturated tail of 18 carbons. Rhod-DOPE (1,2-dio-
leoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl)) is a 
compound of the phospholipid DOPE, which is labeled with Rhodamine B. It provides 
a very stable fluorescent signal[95] and commonly used in studies of characterizing 
membrane lipid phases[96].
Lipid swelling and electroformation
Angelova et al. reported in 1986 the first observation of lipid swelling and liposome 
formation on platinum electrodes in water solutions in presence of DC electrical 
fields[97]. The basic concept (without an applied electric field) is illustrated in Figure 
2.8, where the swelling occurs simply by a hydration step. Conducted at low-voltage 
electric field conditions this technique is usually called electroformation and promotes 
the formation of truly unilamellar vesicles[98]. For electroformation of giant unilamel-
lar vesicles (GUVs), a lipid solution (in an organic solvent) is dried on conductive 
material (wire or plates) before the hydration step is performed, which is supported 
by the presence of (today usually alternating) electric field. 
Herein, that the size of the generated GUVs exhibits a (experimental condition 
dependent) wide distribution between µm1  and µm500 . Furthermore, the GUV yield 
and size decrease drastically if ions are present in the aqueous solution[99]. The 
Figure 2.7
Chemical structure and 
space filling representation 
of the phospholipids used 
in this thesis. 
The illustration is based on[92].
Figure 2.8
Schematic sketch illustrating the 
basic principle of lipid swelling 
by hydration.
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formation of small unilamellar vesicles (SUVs) with a size[100] between nm20  and
nm100  is performed by ultrasonication of an aqueous dispersion of phospholipids. 
Usually a probe sonicator is used for small volumes, ensuring sufficient high 
energy[100]. For assisting GUVs or SUVs to adsorb (and burst) on artificial surfaces like 
silicon-nitride electrostatic interaction is known to play an important role[101]. Cha et 
al. reported that even for neutral (zwitterionic) lipids, electrostatic interaction is 
essential for controlling the adsorption and fusion of lipid vesicles to form supported 
phospholipid bilayers on surfaces. The production of lipid monolayers follows a diffe-
rent approach, which is introduced in the next chapter.
2.2 Langmuir-Blodgett Films
The effects of oil on water surfaces was known to the ancients. The phenomenon 
of such spread films in calming ripples on a surface was part of the common lore 
of fisherman and sailors[102]. However, Benjamin Franklin was the first who showed 
scientific interest in quantifying these mono-molecular thin films. He reported in his 
paper[103] in 1774 that:
 “...the oil, though not more than a teaspoonful…spread amazingly…making all 
that quarter of the pond, perhaps half an acre, as smooth as a looking glass”. 
This work has been constituted as “the first recorded scientific experiment in surface 
chemistry”[102]. The first modern contribution to the investigation of molecular films 
was given by Agnes Pockels, who began her studies in the family kitchen when she 
was only 18 years old. In her famous latter to Lord Rayleigh, published in 1891 
in Nature[104], she declared the importance of cleanliness and described the deve-
lopment of many techniques, which are now standard tools. Besides the through 
technique, she also presented the first surface pressure-area diagram[105]. According 
to further studies carried out independently by Rayleigh, Hardy and Devaux, Irvin 
Langmuir published in 1917 his important series “The constitution and fundamental 
properties of solids and liquids”[106,107]. 
He introduced the film balance technique and showed that it is possible to elucidate 
the size and shapes of molecules and their orientation at the interface (e.g. that only 
the hydrophilic headgroups were immersed in the subphase)[102]. The technique of 
transferring monolayer films onto solid substrates, which is applied in this thesis, 
Figure 2.9
Standard isotherm (or surface 
pressure-area diagram) illust-
rating the gaseous, liquid and 
condensed phases and 
additional the temperature 
and lipid dependent phase 
coexistence region. 
The inset shows the dimensions 
of the Wilhelmy plate.
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was developed and first published[108] in 1934 by Katherine Blodgett. Because Blod-
gett and Langmuir worked closely together, this transferred films are now universally 
referred as “Langmuir-Blodgett films” (LB films)[102]. In Figure 2.9 a standard surface 
pressure-area diagram (isotherm) illustrates the different observable phases during 
reduction of the area, which is available for the lipid molecules.
According to the initial spreading of lipids onto the subphase, the molecules behave 
as a two-dimensional gas (gaseous state, GP), if no external pressure is applied. By 
compressing the area, some ordering of the monolayer film can be observed (slightly 
increasing pressure) and it behaves like a two-dimensional liquid (liquid phase, LP). 
When the barrier closing is continued, additional ordering takes place (see the sket-
ches in Figure 2.9 and Figure 2.10) and the monolayer behaves as a quasi-solid 
(condensed phase CP). It is characteristic for the CP to exhibit a usually linear depen-
dence between surface pressure and molecular area[109,110]. At the end of the CP the 
collapse pressure Colπ  is reached at which the pressure increases no longer, because 
the exerted forces turn out to be too strong for confinement in two-dimensions. This 
results in ejection of the lipid molecules out of the monolayer plane[109]. The value of
Colπ  depends on the substance (lipid molecule structure), the temperature, the pH of 
the subphase, the rate of compression and others. This dependency (except the rate) 
also applies to a more or less expressed plateau in the isotherm, which refers to a 
phase coexistence region (GP and LP). The introduced surface pressure LBπ  is the 
inverse of the surface tension, which is defined as the work required to produce a 
surface isothermally per unit area of surface[110]. In case of high intramolecular forces 
between molecules (e.g. water), the mandatory work to create the surface, including 
the surface tension, is large. Hence, this high surface tension causes water to form a 
spherical shape to minimizes its surface area and by this its surface tension. This 
relationship is essential for experimentally measuring the surface pressure by means 
of a Wilhelmy plate. This plate (a strip of chromatography paper) is pulled down into 
the subphase by surface tension, when it is suspended at an air-water interface (see 
inset in Figure 2.9). The forces acting on the plate are gravity, surface tension (acting 
downwards into the subphase) and buoyancy (acting upwards). With the dimensions 
introduced in Figure 2.9 the net force LBF  downwards can be described by:
Where Pρ  is the density of the plate, Lρ  the density of the subphase, g the acceleration 
due to gravity, γ the surface tension of the liquid and θ the contact angle of plate to 
subphase. The net force is measured by an electronic micro-balance sensor in such 
manner that the immersed depth h remain constant during recording. The change of 
the net force in presence of a monolayer onto the subphase can be described by:
 
Assuming that the contact angle θ is zero (ideal wetting of the Wilhelmy plate) and 
t w<< , the change in force can be termed:
 
 
As it is visible in the last equation, for estimation of the surface pressure (induced by 
( ) ( ) ( )LB P LF lwt g hwt g w tρ ρ γ θ= ⋅ − ⋅ + ⋅ + ⋅ ⋅2 cos
Force weight upthrust surface tension= − +
( ) ( )_ _ cos cosLB LB water LB monolayer water monolayerF F F w tγ θ γ θ∆ = − = − ⋅ +2
( ) ( )LB water monolayer LBF w t wγ γ π∆ = − ⋅ + ≈ ⋅ ⋅2 2
( )LBLB water monolayerF surface pressure of the monolayerwπ γ γ
∆
= − =
⋅2
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surfactants like lipid molecules) the surface tension of the pure subphase (e.g. water) 
has to be recorded first. 
To transfer a lipid monolayer onto a solid substrate, the surface (transfer) pressure 
has to be kept constant during the whole transfer process. This ensures that the 
deposited LB film features a homogeneous and uniform lipid molecule distribution. In 
addition, the transfer pressure value is usually chosen to be in the middle of the CP 
resulting in a dens packed monolayer (see Figure 2.10 B).
The most common transfer is conducted by lowering the substrate vertically into the 
subphase or raising it out of the subphase, respectively. The direction is determined 
by the surface properties of the substrate. For deposition onto a hydrophobic subst-
rate the first transfer is performed by dipping it through the air-water interface. For a 
hydrophilic substrate the procedure is vice versa (compare to Figure 2.11).
2.3 Optical Trap
Since the observation of trapping dielectric particles in a single-beam gradient force 
in 1986 by Ashkin et al.[111], the field of optical tweezers research has grown tre-
mendously nowadays addresses biological, physical and chemical issues as well as 
soft condensed matter physics processes[112,113]. Optical forces are ideally qualified 
for manipulation of mesoscopic systems, which can be categorized by forces ran-
ging from femtonewtons to nanonewtons, length scales ranging from nanometres 
to micrometres, and time scales ranging upward from a microsecond[112]. In biolo-
gic context, these ranges cover various of intra- and intercellular processes, such 
as reproduction and signaling[112]. However, the basic observations and studies lea-
ding to the development of optical tweezers (OT) were already reported by Arthur 
Ashkin in 1970 at AT&A Bell Laboratories[114]. He discovered as first the contactless 
Figure 2.10
Schematic illustrating 
the expanded (A) and 
compressed (B) monolayer 
on a water surface.
Figure 2.11
Illustration of the deposition 
of a first monolayer onto a 
hydrophobic (A) and hydrophilic 
(B) substrate. Due to the 
different affinity of the substrate 
to the hydrophobic tails or 
hydrophilic headgroups of the 
lipid molecules the dipping has 
to be performed in opposing 
directions.
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acceleration of freely suspended particles via forces of radiation pressure, which were 
induced by visible laser light. Moreover, he also observed that once a microparticle 
was hit by the laser beam, it was simultaneously accelerated in the direction of the 
laser light (caused by radiation pressure) and radial deflected into the beam axis 
(gradient force)[114]. With this finding it was possible to manipulate and trap a particle 
could in two dimensions. The establishment of a stable three dimensional trap turned 
out to be more complicated. The main issue implied the complete compensation of 
the radiation pressure. The first attempts using two equal laser beams with oppo-
sing directions[114] and a vertical setup design utilizing gravity (optical levitation)[115], 
led to a functioning 3D-trap, but suffered from an inflexible setup and performance 
fluctuations of the laser beam. Finally, a very elegant solution was found by Ashkin, 
Dziedzic, Bjorkholm und Chu in their initially mentioned publication in 1986. They 
used a single strongly focused laser beam, whereas the axial gradient force was 
found to be very large, and thus compensating the radiation pressure and dominating 
the axial stability of a trapped particle[111]. This system emerged to be an straight-
forward and robust setup for stable trapping of objects either much smaller than 
the used wavelength of light or much larger[112]. Only one year later first biophysical 
applications were reported, demonstrating a selective and damage-free trapping of 
bacteria, viruses and living cells by utilization of an infrared-laser[116,117]. Even though 
Ashkin had also the vison of trapping atoms, it felt to Chu to refine this technique for 
cooling and trapping neutral atoms (awarded with the Nobel Prize in physics in 1997).
To date, optical tweezers have been utilized to study viscoelastic properties or binding 
kinetics of single biopolymers (like DNA)[118,119], cell membranes[120], aggregated pro-
tein fibers (like actin)[121], regulation of cytoskeleton-plasma membrane adhesion[122] 
and composite structures (like chromatin and chromosomes)[123]. Furthermore, it was 
feasible by OT to characterize forces exerted by molecular motors (like myosin, kine-
sin)[124,125] and to continuously sorting fluid-borne particles (like a sieve) by using an 
array of optical traps[126]. In the following section the basic functional principle of the 
optical trap is presented in more detail.
Functional principle of the optical tweezers
As stated above particles either significantly smaller than the wavelength of light 
(Rayleigh-scattering regime) or significantly larger (Mie-scattering regime), can be 
trapped in stable manner. Small particles generate an electric dipole moment by 
reacting to the light’s electric field, which, causes intensity gradients in the electric 
field toward the beam’s focus[112,127]. Larger objects behave like lenses and refract the 
rays of light, and thus redirecting the momentum of their photons. The resulting 
recoil forces them toward the higher photon density near the beam’s focus[112]. In this 
thesis microbeads with a size of about µm3  are utilized and plain geometrical optics 
can be used for explanation. The occurring radial gradient forces and radiation pres-
sure (two dimensional trap) are schematically illustrated in Figure 2.12 for a 
microbead situated off the beam axis. The used laser (with TEM00 mode) exhibits a 
Gaussian intensity profile with ( )max exp oa beamI I r w= − 2 22 , where I is the intensity of the 
beam in the distance oar  of the optical axis (maximal intensity). The beam beamw  width 
is not constant in axial direction and depends on the degree of focusing and the beam 
quality. Figure 2.12 shows two exemplary rays (A and B) symmetrically located about 
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the bead axis are and furthermore, the refractive index of the bead is higher than the 
index of the surrounding aqueous medium ( )bead watern n> , which is an essential condi-
tion for a stable trapping. 
A is the stronger ray (closer by the beam axis) and undergoes reflection and deflec-
tion at the entry in the bead as well as the exit out of the bead. These effects 
causes the radiation pressure forces FAR1 and FAR2 (which refer to the entry and exit 
reflection forces). The so-called gradient forces FAD1 and FAD2 refer to the entry and 
exit deflection forces and their radial components are much larger than for FAR1 and 
FAR2. All forces (depicted so far) contribute to an acceleration in the +z direction and 
in addition, the net radial force for the stronger ray A is directed toward the beam 
axis. This results in the net force of FA (marked in the center of the bead) for the 
ray A. The description of the symmetrical but weaker ray B is analogous to above 
and results in a net force of FB which is also directed along +z and exhibits a net 
radial force component, which is directed away from the beam axis but weaker as the 
above. By combining FA and FB the resulting net force Fnet acting on the microbead 
accelerate it as a whole towards the beam axis (with the highest light intensity) and 
forward in +z direction.
As stated above, the trapping in three dimensions is realized by strongly focusing the 
laser beam[111]. In Figure 2.13 this laser beam is once again visualized by two rays 
(A and B), which undergoes reflection and deflection at the bead-medium interfaces 
(the corresponding forces are similar to the ones in Figure 2.12). The resulting net 
force Fnet is shown for three different situations (I, II and III). When the bead is 
situated above the laser focus f, the net force accelerates it downwards in direction 
of the focus. This behavior is the basic development in comparison with the former 
approach, because this force is a backward trapping force and opposes the direction 
of the laser beam[111,128]. The resulting net force is in any case oriented towards the 
beam focus (as for the situations bead under the focus (II) and bead beside the 
focus (III)), if the refractive index of the bead is higher than the index of the medium 
Figure 2.12
Occurrence of the involved 
forces when a microbead is 
in the proximity of a linear 
laser beam. As visualized by two 
rays (A and B), and the resul-
ting forces induced by reflection 
and deflection, the bead is 
accelerated towards 
the beam axis and forwards 
in the +z direction. 
The schematic was drawn 
inspired by[114,128].
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and the bead is located in close vicinity of the laser beam. Once the net force vani-
shes, i.e. all radiation pressure and radial gradient forces neutralizing each other, the 
microbead is in a balanced state und thus, trapped in very close proximity to the laser 
focus in all three dimensions. Such a trapped bead can now be precisely manipulated 
with respect to the surrounding, by either moving the objective and the laser focus, 
or by moving the surrounding chamber while the objective position is fixed.
For biophysical applications, optical traps are commonly generated by infrared laser 
light with a wavelength of nm1064 . One advantage of this wavelength is, that biolo-
gical objects (like cells or bacteria) and the surrounding medium absorb such light 
much less, which avoids heating or damaging of biological tissue[129]. Furthermore, a 
higher wavelength causes a smaller beam intensity at the trapped object, but still 
produces large forces under damage-free conditions[117]. A technical benefit of infra-
red systems is the easy separation of this light from visible light, and thus do not 
affect visual or video based monitoring and analysis.
OT force measurement and calibration
A trapped particle can not only be utilized to execute forces onto other objects 
via movement of the trap position relative to the surrounding chamber, but it is 
also feasible to measure precisely the forces acting on the particle itself. This force 
measurement as well as the force calibration are very well explained in other publi-
cations[128,130,131]. Here, only the main basics are presented.
Once a particle is trapped, it is situated in a photonic potential ( )devV x , which can be 
approximately characterized as harmonic within the proximity of the laser focus:
If an external force acts on the trapped particle, this leads to a deviation devx  out of 
the balanced state, which in turn depends proportionally on the applied force. The 
proportionality factor stiffk  stands for the strength (or stiffness) of the optical trap and 
is comparable to the spring constant in Hooke’s law:
This linearity is true for typical applications and particle diameters of several micro-
metres and is valid for deviations of about 0.6-fold of the particle radius[132]. Therefore, 
Figure 2.13
Three dimensional trapping by 
the use of a strongly focused 
laser beam. As schematically 
visualized by two rays, the 
resulting net force is for all 
depicted situations (I, II and 
III) directed towards the laser 
focus. The schematic was drawn 
inspired by[114,128].
( )dev stiff devV x k x= 2
1
2
stiff devF k x= − ⋅
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the displacement devx  out of the balanced state has to be detected for accurate esti-
mation of the external force. In addition, the factor stiffk  is usually recorded and 
calibrated experimentally. 
The estimation of the deviation devx  can be performed either by using the forward 
scattered or backscattered light or via video-based analysis. All measured parame-
ters of these three methods (intensity of scattered light, exact beam position and 
pixel displacement of the imaged bead) allow for a conversion into the real physical 
deviation, by calibration with a prior determined mechanically displacement of the 
particle. This can e.g. be executed by moving the particle onto a solid surface and 
further movement of the optical trap. The three introduced methods and their (dis-)
advantages are discussed in more detail in chapter 3.2.1. 
The additional required factor stiffk can be determined by applying a well-defined 
external force on the particle and simultaneously measuring the particle displace-
ment. In aqueous medium the drag force via Stokes’ law can be used:
where particler  is the radius of the particle, mediumη  the viscosity of the surrounding 
medium and mediumν  the flow velocity relative to the particle. This flow velocity can be 
precisely adjusted by moving the sample chamber (with respect to the fixed trap 
position) via a piezo stage. Therefore, a new force calibration for each new trapped 
particle can easily and quickly acquired[128,130].
2.4 Fluorescence Detection
George G. Stokes coined in 1852 the term „fluorescence“ after observing blue lumi-
nescence in the mineral fluorite as well as discovered the redshift[133]. Nowadays 
fluorescent detection of labeled molecules is a standard technique for optical obser-
vation and monitoring. Even molecules, which are smaller than the achievable optical 
resolution like labeled lipids, can be optically detected by the fluorescent emission 
of photons[134]. In the following a very brief introduction of the basic principles of 
photophysics is presented. For more detailed information, readers are encouraged to 
consult this publications[133–136].
Once a dye (in the ground state S0) absorbs a photon of appropriate energy, a valence 
electron is promoted from S0 to some vibrational level in the excited singlet state (S1 
or S2). This process of absorption is exceptionally fast and in the order of one fem-
tosecond ( sec−1510 ). The excited system can transit back into the ground state by 
emitting (i.e. loosing) a photon (see Figure 2.14). Due to a decrease of energy during 
the excitation, the energy of the emitted photon (fluorescence) is slightly lower in 
comparison to the energy of the exciting photon and the transition takes place on the 
nanosecond level ( sec−910 ). This phenomenon is called Stokes or red shift. In addi-
tion to the relaxation process via fluorescence, there exist several other involved 
relaxation processes. The transition between the excited singlet (S1) state into the 
triplet state (T1) is called intersystem crossing and is possible due to intermolecular 
interactions. Once in the triplet state, the relaxation via photon emission is also feasi-
ble and called phosphorescence. The triplet state exhibit a long lifetime before decay 
to S0, because this transition is spin-forbidden and thus unlikely. Further relaxation 
6drag particle medium mediumF rπ η ν= ⋅ ⋅ ⋅
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prcesses exhibiting no radiation include internal conversion (collisions with other 
molecules close by) and rotational relaxation, for instance. 
More information about the experimental conditions for conducting fluorescence 
microscopy detection of Rhodamine B labeled phospholipid molecules is presented 
in chapter 3.2.2.
2.5 Nanopores
The term nanopore is used to describe a small hole of nanometre dimensions, which 
can be utilized as single-molecule detector. Such pores are either biological pore-
forming proteins or tiny holes in synthetic materials such as silicon, silicon-nitride 
or graphene. The basic concept is exceptional simple: a single molecule is threaded 
through a NP, which connects two separated chambers and enables the detection of 
the molecules (via measuring current modulations while a transmembrane voltage is 
applied). The separating (and NP containing) membrane can be of artificial, biological 
or biomimetic nature. Thus, potential applications for NPs are biosensing, diagnostic 
and separation[13,15]. The main advantages of this nanotechnology are high sensitivity 
(to the single-molecule level), low costs and label-free detection, avoiding molecular 
amplification[15]. The first application of NPs for DNA sequencing was envisioned by 
Church, Deamer, Branton, Baldarelli and Kasianowicz in an outstanding patent appli-
cation, that was submitted in 1995 and awarded in 1998[137,138]. The original abstract 
is as follows:
“A method is disclosed for characterizing a linear polymer molecule by measuring 
physical changes across an interface between two pools of media as the linear 
polymer traverses the interface and monomers of the polymer interact with the 
interface, where the physical changes are suitable to identify characteristics of the 
polymer.”
Since then many research groups have extensively studied these NP-based methods. 
In the following, both kinds of synthetic and biological NPs are introduced and an 
overview of the impact of these NPs onto the field of next generation sequencing will 
be given.
Figure 2.14
The Jablonski diagram illustrates 
and clarifies the basic principles 
of molecular photophysics by 
means of a graphic representa-
tion of the electronic states and 
(non-)radiative transitions. 
This schematic was created 
according to[133].
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Solid-state nanopores
The manufacture of NPs from solid-state materials exhibits obvious advantages in 
comparison to their biological counterpart such as control of diameter and channel 
length, high robustness and durability as well as adjustable surface properties[13,138]. 
In addition they allow for integration into devices and high density arrays, and thus 
can be executed in parallel[13]. In 2001 Golovchenko and co-workers presented a 
novel technique - ion beam sculpting - by which they could produce single nanopores 
in thin silicon-nitride membranes[139]. Working with silicon-nitride and silicon-dioxide 
as membrane material benefit from their extremely well-developed and studied pro-
perties over the course of fifty years of microelectronics[13,139]. They utilized a focused 
ion beam to mill a tiny hole in such a membrane and also discovered, that pores could 
shrink and enlarge, depending on the applied ion rate and temperature. Today such 
silicon chips with thin silicon-nitride membranes (with or without a NP) are laboratory 
consumables at low costs. In Figure 2.15 A and B such a chip is shown, whereas the 
thin membrane is located on the bottom of the funnel-shaped etched window struc-
ture. The thickness of the membrane is variable and lies typically in a range between 
10 and nm500 . Today there are different techniques accessible (with varying NP size 
limits) for milling a NP into membranes. For example, a focused electron beam can 
generate a pore with a shape of an hourglass and a diameter of about nm1 , whereas 
NPs produced by ion beams exhibit a more conical shape[140,141]. Using gallium ions NP 
diameters of about 5 to nm20  are feasible[142] and by application of a helium ion 
beam NP diameters of down to nm4  can be realized[143].
One possible way of modifying the surface properties of a solid-state NP was publis-
hed by Yusko et al. in 2011[51]. Inspired by the olfactory sensilla of insect antennae, 
they reported that a coating of nanopores with a fluid lipid bilayer is possible. With 
this method the surface chemistry can be tailored and allows for additional fine-
tuning (and dynamic alteration) of pore diameters in subnanometre increments[51]. 
Moreover, the lipid bilayer coating also prevents NPs from clogging and minimizes 
non-specific binding. 
Among these types of solid-state NPs there are several other approaches, like glass-
capillaries with nanometre-sized openings[37,42,144] and NPs milled in graphene, which 
will certainly play a significant role in the field of NP research in the next decade.
Artificial or natural protein nanopores
The patent application mentioned above was not only restricted to solid-state NPs, 
but also included “all ion permeable passages”[137], including all types of protein pores. 
Only one year after patent filing, Kasianowicz et al. reported in 1996 the first demons-
tration of the transit of nucleic acids through an α-hemolysin pore[18]. According to 
Figure 2.15
Solid-state silicon chip with a 
thin silicon-nitride membrane 
at the bottom of the window 
structure (A and B, SEM images 
of the manufacturer SPI Inc.). 
Sketch of a lipid bilayer-
coated solid-state NP (C) 
taken from[51].
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this initial report a high number of publications followed, where many aspects of this 
translocation process have been examined in detail[19]. For example the characteris-
tic signatures of the ionic current change during translocation of polynucleotides of 
various compositions are investigated[20,21], including the effect of intramolecular hair-
pins[22] or ligands for derivatized DNA strands on the transit process[145]. Furthermore, 
the impact of cis or trans entry, regarding the rate of detectable transit events, was 
studied[24] as well as the effect of the applied voltage range and temperature[23,146,147]. 
Despite the importance of such biological pores as an envisioned tool for ultrarapid 
DNA sequencing[10,15] (more information in the next section), researchers have to 
tackle the challenge of appropriate incorporation of this proteins in a compatible 
surrounding. This is necessary, because it was supposed that proteins preserve their 
native conformation and properties (e.g. activity) only embedded in a membrane 
system[148,149]. A very recent report about different strategies for the fabrication of 
freestanding lipid bilayers and accurate protein reconstitution into it was published 
by Gutsmann et al. in 2015[42]. 
In Figure 2.16 A a cross-section view of an α-hemolysin pore embedded into a lipid 
bilayer membrane is shown[150], which nicely illustrates the accessible channel and its 
nanometre-scale dimensions. The constriction with a diameter of nm1 4.  only allows 
for the transit of single-stranded DNA or RNA molecules, and thus the bigger lumen 
(nanocavity with Ø of nm4 6. ) appears to exhibit no additional benefit, but Howorka 
et al. used this space for engineering[25]. They demonstrated the application of a 
“DNA-nanopore” that was built by covalently attaching an individual ssDNA oligomer 
within the lumen of an engineered version of the α-hemolysin pore. Due to binding of 
ssDNA molecules to the tethered DNA strand, it was possible to discriminate between 
individual DNA strand up to 30 nucleotides in length only differing by a single base 
substitution[25].
The polynucleotides translocation studies have prompted also a large number of 
theoretical treatments of the associated phenomena and effects[152–154] and beside 
α-hemolysin many other protein pores (like MspA, OmpF, OmpC, etc.) have been 
explored to this day[155–157]. A new and fast growing field of research in context of 
NPs is the development of DNA origami pores[26,27]. The combination of DNA origami 
and solid-state NPs (see Figure 2.16 B) was first published in 2012[151,158]. This tech-
nique is very attractive, because it enables the precise construction and design of 3D 
shapes with full control over geometry and surface functionality[26]. The incorporation 
of such artificial NPs is not restricted to solid-state NPs, but it is also feasible to 
directly insert them into lipid bilayers[28,159,160]. Even though a controlled translocation 
Figure 2.16
A: cross-section view of an 
α-hemolysin pore[150]. 
B: DNA origami pores inserted 
into a solid-state NP. The right 
image is taken from[151] and is 
rearranged.
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(e.g. by optical tweezers) of DNA molecules was repeatedly shown for solid-state 
NPs[46,47,49,161], this way of translocation at very low controlled velocities is still a mis-
sing jigsaw in context of biological pores (to the best of the authors’ knowledge). 
Therefore, the establishment of an experimental setup accessible for both optical 
tweezers and biopore incorporation into lipid bilayer membranes is one focus of this 
thesis.
Nanopores for next generation sequencing
The first generation sequencing techniques were based on the Sanger method, pre-
sented in 1977[6], followed by the second generation sequencing methods, which 
prevent the necessity of separating the DNA in a gel[162]. The actually so-called next-
generation sequencing (NGS) technology provides short read and high-throughput, 
and thus has fundamentally altered our understanding of microbiology and has 
become an integral tool in epidemiology[8,12]. Even though the usefulness of whole 
genome sequencing for public health infection control is obvious, the adoption in 
clinical microbiology laboratories is still limited[163]. The main reason for this is, that 
short-read methods cannot clearly assemble repetitive elements, which are longer 
than the sequencing read-length into a single contig. This limits accurate assembly 
and causes multiple contigs, which leave gaps in the entire genome assemblies[12]. 
In particular, it is very challenging to correctly assemble regions, where genes have 
been obtained by horizontal gene transfer, like pathogenicity islands and resistance, 
and prophage[164]. Nevertheless, analyzing these regions is crucial for identifying key 
characteristics like antibiotic resistance and for determining extremely pathogenic 
bacterial types[165]. To close these gaps, extensive and expensive post-sequencing 
and laboratory-based analysis is currently required. These steps can last months, and 
thus the final results become irrelevant for (fast) clinical diagnostics and for guiding 
public health interventions[12]. Therefore, DNA sequencing using NP technology is an 
alternative method for producing long-read sequence data[11,12].
The NP approach provides single-molecule sensitivity and analytical abilities that are 
accomplished by driving these molecules electrophoretically through a nanometre-
scaled pore without prior molecular amplification and necessity for labeling[11,14,15]. In 
general, a NP offers a highly confined volume or channel structure, by which single 
nucleic acid polymers can be studied at high throughput and in addition, can be in 
principle detected in a way that the obtained sequence signals reflect the native order 
of nucleobases in a polynucleotide[11]. The prediction of long reads of (kilobase length) 
polymers provides a unique analytical capability that makes inexpensive, rapid DNA 
sequencing possible. Thus, this technique offers the prospect of a third generation 
technique that will be able sequence a diploid mammalian genome for ~ $ 1 000 in 
about h24 [11]. This technology could tap into a brand-new sector of customers (besi-
des basic research and clinical medicine) who need genetic fingerprinting for food 
safety, forensic science or agricultural biotechnology[5,9].
As one can imagine, this whole NP-based research field is rapidly growing and tou-
ches hosts of specified approaches, thus in the following only the most essential and 
recent contributions (with their pros and cons) are briefly presented. The interested 
reader is encouraged to see these recent and comprehensive reviews[5,11,14,138,166–169].
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Two groups (Cherf at al.[34] led by Akeson and Manrao et al.[35] led by Gundlach) 
independently presented in 2012 the first published data showing that sequence 
information can be truly obtained during DNA translocation through a protein NP. Until 
then, the most prominent drawback in NP studies was the insufficient high speed of 
the DNA translocation process for accurate identification of individual bases[9,11]. Both 
groups used a polymerase to address this issue for slowing down DNA translocation 
through a protein NP, to a velocity that is favorable for reading base-specific current 
levels. Cherf et al. bound a phi29 DNA polymerase to a single-stranded DNA temp-
late, which in turn was hybridized to a primer, and threaded the ssDNA end trough an 
α-hemolysin pore (at an applied voltage). By starting the primer extension via poly-
merase activity a double-stranded DNA is synthesized, and thus the polymerase acts 
like a motor pulling the DNA trough the pore in single-nucleotide steps[34]. Manrao et 
al. followed the same strategy, however, they utilized the protein pore MspA[35]. Even 
though both groups accomplished the mission to perform DNA translocation at an 
appropriate rate and with single-nucleotide steps, the obtained current levels could 
not be unambiguously transferred into single base identification[9]. This issue can be 
(at least partly) attributed to the impact of adjacent nucleotides besides the base of 
interest, because a small series of nucleotides (~ 10 - 15 nucleotides) rather than a 
single base contributes to the current signal[29,35].
The time of publication of these two reports overlapped with a statement of the 
company Oxford Nanopore Technologies at the Advances in Genome Biology and 
Technology conference1  that set the sequencing field abuzz. They introduced two 
NP sequencing platforms (GridION and MinION) able to deliver high-throughput, 
ultra-long sequence reads at low costs[36]. In the meantime, several peer-reviewed 
scientific reports verify these predicted properties. However, there is still much space 
for further improvements. Their technological approach is in principle very similar 
to the one of Cherf et al. and Manrau et al. and include the utilization of a polyme-
rase in combination with the α-hemolysin pore. Ashton et al. showed in 2015 that 
by applying a MinION sequencer it is feasible to resolve the structure and chromo-
somal insertion site of a composite antibiotic resistance island in Salmonella Typhi 
Haplotype 58[12]. Haplotypes are essential for an accurate interpretation of genetic 
laboratory studies for medically actionable findings and can often not be resolved by 
short read sequencing[38]. In addition Ammar et al. reported also in 2015 the capa-
bility of very long reads to resolve both variants and haplotypes of HLA-A, HLA-B 
and CYP2D6 genes, with data from a single 24-hour NP sequencing run (also with 
MinION) and without the necessity for statistical phasing[38]. Beside the development 
of this technique itself, also the software-based analysis of the very large and com-
plex datasets make progress[170]. With these results, Oxford Nanopore Technologies 
competes not only with basic research, but directly with the other leading instrument 
providers for DNA sequencing, such as Carlsbad, Life technologies or Illumina[36]. It 
will be interesting to see how this competition is intensifying in order to push accu-
rate, low-cost sequencing into the clinical space. 
Finally, it should be noted that other promising approaches, using the relative new 2D 
materials made out of graphene, molybdenum disulfide (MoS2) or carbon nanomem-
branes (CNMs) exist[5,16]. Translocation of DNA through graphene NPs could already 
1  See also https://www.nanoporetech.com/news/press-releases/view/39 [30.03.2015, 13:57]
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be demonstrated, however, the main disadvantage was the DNA adhering to the NP 
surface that resulted in high background noise[171–174]. Recent progress in this gro-
wing field can be found here[140,175–181]. Nevertheless, NPs made of graphene present 
an intriguing alternative to biological and “conventional solid-state” NPs, because 
it presents the ultimate NP membrane material given its thickness of only a single 
carbon atom. It also offers electrically conductivity, which opens up new approaches 
for measuring the traversing nucleotides (e.g. by running a tunneling current trans-
versally through the DNA molecule)[45]. To conclude, DNA sequencing by graphene 
NPs is so far science fiction, however, so was sequencing via biological pores two 
decades ago. 
2.6 DNA-Nanopore Force Interaction
This last chapter deals with the issue of how the previous described effects affect 
the experimental OT force measurements of single DNA molecules, while threading 
trough a nanopore. Additionally the theoretical dynamics of a DNA molecule within 
such a NP are introduced.
2.6.1 Experimental DNA Threading Force Measurement
The basic situation in context of OT threading force measurements on NP systems is 
illustrated in Figure 2.17: two compartments filled with aqueous medium are sepa-
rated by a thin isolating solid-state membrane. The only connection between these 
two chambers is the NP, which is located in the center of this membrane. A dsDNA 
strand is immobilized at one end onto the surface of a microbead and according to 
trapping by OT, this bead is moved into the vicinity of the NP. By the application of 
a transmembrane voltage the free end of the immobilized dsDNA molecule is forced 
to thread through the pore. In this situation the dsDNA experiences an electrostatic 
force, which is compensated by the stiffness of the optical trap and can be measured 
and plotted as force-distance curve.
A typical force-distance curve is shown in Figure 2.18 with additional sketches, cla-
rifying which spot in the diagram corresponds to which bead-DNA-NP arrangement. 
In this case the dsDNA molecule is thread into the NP at a bead-membrane distance 
Figure 2.17
Schematic illustration of the 
basic situation, when a dsDNA 
molecule (immobilized on a 
bead) is threaded through a NP 
via OT, while a transmembrane 
voltage is applied. The memb-
rane is isolating and separates 
two compartments filled with 
aqueous solution. The sketch is 
drawn inspired by[161,182].
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of about µm5 , followed by stretching the DNA up to a length of µm10.5  at a constant 
threading force of about pN5 . Subsequently the DNA is pulled out of the pore and the 
force drops back to zero piconewton. The height of the measured force depends on 
several effects and will be discussed by introducing the theoretical electrostatic force 
experienced by the DNA.
The forced movement of a charged particle (such as DNA) relative to a stationary 
liquid by applying an electric field is in general called electrophoresis (EP)[183]. To 
calculate this electrostatic force theoEPF , which is theoretically experienced by the DNA 
molecule, a typical voltage of V mV=50  and a membrane thickness of d nm= 20  can 
be considered[130]. Given these parameters the electric field is:
It is noteworthy, that this field is confined only to the NP, due to the isolating memb-
rane properties. The electrostatic force elF Q E= ⋅  acting on the whole DNA molecule 
equals the force acting on the few monomers that are situated in the nanopore, and 
thus can be calculated by taking the charge of this few monomers (two electrons per 
base) and their length (basepairs distance of . nm0 34 ) into account[46]:
With this charge the theoretical applied electrostatic force can be described as:
This means, that a threaded dsDNA molecule should experience an electrostatic force 
of pN47  (under the prevailing conditions) and should be measurable by OT. However, 
in reality the effective obtainable force expeffF  (for the same conditions) differs drasti-
cally from this value (in general forces expeffF  in a range of %−15 20  of
theo
EPF  are 
recorded)[46]. Therefore, several other phenomena affecting the measurable force 
have to be considered[130].
Not only the DNA exhibits an electrical charge in an aqueous buffer environment, but 
also the surface of the membrane, and thus also the sidewalls of the NP. This surface 
charge is caused by dissociation of the silanol groups (-Si-OH) at the membrane 
surface (which in turn depends on the present pH value) and can result in an either 
protonated or deprotonated state (-Si-OH2+ or -SiO-). Moreover, the amino groups 
Figure 2.18
Diagram: Typical relationship 
between threading force and 
z-distance, for a whole trans-
location event. The sketches 
clarify the process of threading 
in the dsDNA into the NP and 
pulling it out again. The original 
diagram is taken from[131].
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(-Si-NH2) can also dissociate or partial charges within the material can lead to an 
adsorption of ions of the buffer[183]. The membrane material used in this thesis was 
silicon nitride (Si3N4), which is normally positively charged for at pH >5 and exhibits a 
negatively charge only at acidic buffer solutions ( pH < 4)[184,185]. At experimental con-
ditions ( pH < 8) the negatively charged membrane surface, causes the formation of 
positively charged ions of the buffer solution directly at the membrane-buffer inter-
face, as it is depicted in Figure 2.19. This screening phenomena is commonly 
described as an electrical double layer (EDL) and refers to two parallel layers on top 
of the membrane surface[186]. The first layer directly at the interface is called Stern 
layer and describes an immobile layer of positively charged ions, which are strongly 
attracted via Coulomb interaction. In this region the electrical potentialψ decreases 
linearly starting at 0ψ , the surface potential, to a value ζ , the so-called zeta-poten-
tial[187] (see the imbedded diagram in Figure 2.19). 
With larger distances from the interface, diffusion dominates the weaker Coulomb 
interaction. This layer is named Gouy-Chapman layer and in this regime the potential 
decreases exponentially. At the Debye length Dλ  the negatively charged membrane 
surface is no longer “visible” for the buffer ions and it is a measure for the effective-
ness of a surface charge screening[183,187]. The Debye length is defined as:
 
This term consists of the thermal energy Bk T, the medium’s dielectric permittivity dpε , 
the ion concentration 0c , the elementary charge e and the valence of the ions Z. Thus, 
the lower the ionic strength of the solution, the larger is the second layer. Typical 
values for Dλ  are about few nanometres. This double layer situation causes a transport 
of the loosely bound ions within the Gouy-Chapman layer, due to the electic field 
during application of a voltage. The remaining fluid (described by the “third” electri-
cally neutral layer) is transported as well, due to viscous drag and inner friction with 
the forced ions[183]. In contrast to a hydrodynamic parabolic flow profile induced by 
pressure[188], this so called electroosmotic flow (EOF) has a stamp like flow 
profile[183,189].
Figure 2.19
Sketch of the ionic arrangement 
near a deprotonated surface, 
which has been brought into 
contact with an electrolyte at 
thermal equilibrium. The electric 
double layer consist of the 
immobile Stern layer and the 
diffusive Gouy-Chapman layer.
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This EOF has an opposing orientation compared to the EP, which is forcing the DNA 
into the NP direction. The velocity EOFν  can be described as[183]:
and depends on the electrophoretic mobility EOF dpµ ε ζ η= . This velocity decreases eit-
her with reducing pH and temperature or increasing ionic strength of the solution, 
because then the surface charge, respectively the Debye-length is lowered[136].
As already indicated the EOF causes drag force EOFF , which opposes the bare electro-
static force theoEPF , leading to an effective measurable force = −
exp theo
eff EP EOFF F F [47]. In 
case of OT measurements expeffF  is balanced by an opposing mechanical force
= − expOT effF F , which arrests the DNA in position inside the NP[47]. A typical value descri-
bing the reduction of the force is .theoEOF EPF F = 0 9, i.e. a reduction of %90 . Ghosal et 
al. presented in 2007 a theoretical simulation showing in which form such a reduction 
level depends on the ion concentration and varying surface charge densities[190] (see 
Figure 2.20 A). As expected, theoEPF  is more reduced for larger surface charge densities
mσ , caused by a stronger EOF. At a high salt concentrations the force reduction is 
approximately constant (at given mσ ), but for lower ionic strengths ( . M< 0 3  KCL) the 
decrease is significantly lower, due to overlapping Debye-lengths of the NP wall and 
the DNA (at such a small NP of nm5  in diameter)[190]. 
By transferring these theoretical findings to experimental observations, one has to 
take into account, that the surface charge itself depends on the ionic strength, and 
thus on the pH (according to the respective membrane material). Under experimental 
conditions and for silicon-nitride membranes mσ  can typically be estimated to be in 
the range between −15 and mC m− 260  as described in the literature[191–195]. Another 
source of influence onto expeffF  is the geometry of the NP, which is also affected by the 
EOF. If the NP walls are rough, the EOF is decreasing, and thus the expeffF  is larger. In 
addition, the size of the NP is crucial, especially for small NPs ( nm<10  in diameter), 
because of the mentioned overlap of the Debye-lengths of DNA and NP wall. This 
overlap causes a less pronounced EOF, and thus an increasing expeffF  that was presen-
ted by Van Dorp et al. in 2009. In Figure 2.20 B their finding is presented[47], where 
the theoretically estimated theoEPF  is additionally plotted (dashed line). The two insets 
visualize the bare electrostatic forces (arrow up) and the drag forces caused by the 
EOF (arrow down). Due to the fact that both, the drag force and the electrostatic 
force are proportional to existing electric field, the experimental observable force
exp
effF  is proportional to the applied voltage.
dp
EOF EOF
E
E
ε ζ
ν µ
η
⋅ ⋅
= = ⋅
Figure 2.20
A: Dependency between
theo
EOF EPF F  and ion concentration 
simulated for different surface 
charges mσ  (in mC/m²)[190]. 
B: Effective force versus pore 
radius[47]. For better print 
quality and readability both 
diagrams are redrawn. The 
original data can be found in the 
referenced work of Ghosal[190] 
and von Dorp et al.[47].
30
2.6.2 Theoretical Dynamics of DNA in a Solid-State Nanopore
According to the above introduced explanation attempt for qualitatively under-
standing the observable phenomenon, a more detailed look behind the theoretical 
model[182] (which is later applied for discussing experimental results in chapter 4.1.2) 
is given in this chapter1.
To recapitulate the key message, the dynamics of a single DNA molecule situated in 
a solid-state NP are governed by a complex relationship of several electrohydrody-
namic effects[47,196–199]. As introduced above, the externally applied voltage induces 
an electrophoretic force on the charged molecule as well as an EOF of the sur-
rounding buffer solution[191,200]. Furthermore, substantial forces are caused by 
counter-ion pressure[201,202], self-energy[203,204], concentration polarization[205], and 
numerous charge-induced or non-linear electrokinetic effects[206]. These particular 
effects are fully contained in the following theoretical model approach.
Because of the insulating membrane property, the numerous electrohydrodynamic 
factors noted above are most prominent within the NP and in its immediate proxi-
mity[47,206]. Nevertheless, for distances Dd  from the NP, which are significantly larger 
than the diameter of the NP, the electric as well as the EOF field decrease with 
21 Dd [198]. Thus, this slow algebraic decay cannot be neglected, because these fields 
still exhibit a distinct contribution for the net (integrated) force (acting on a charged 
and elongated object like DNA). As a consequence, theoretical findings for NPs with 
infinite length[50,191,207] exhibit a limited dependability for the quantitative analysis and 
interpretation of experimentally obtained forces. Moreover, a significant theoretical 
model (in this context) has to consider appropriate dimensioned fluid “reservoirs” 
above and below the desired NP region, as will be presented in the following.
The fundament of this model constitutes the well-established framework of the cou-
pled Nernst-Planck, Poisson, and Stokes equations[202,208–210], which is briefly 
summarized in the following (a more detailed account see e.g.[202]). Within a buffer 
solution, the electric potential ( )ψ x  satisfies Poisson’s equation ( ) ( )Sε ψ ρ∆ = −x x , where
( ) ( ) ( )CF c cρ + −= −  x x x  is the total charge density, which is based on the local ion con-
centrations ( )c± x  of the dissolved K + and Cl − ions, sε ε= 080  describes the buffer 
permittivity, and CF  is Faraday’s constant. An elongated rod-shaped particle models 
the DNA molecule and considers a homogeneous surface charge density pσ  (which is 
equivalent to 2 electron charges per base pair of a real dsDNA). The Poisson’s equa-
tion inside the particle can be described as ( )ψ∆ =0x  and is completed by the standard 
boundary condition s s p p pε ε σ ⋅ − = n E E  at the interface between particle and solu-
tion[202,211]. Here, n represents the surface normal, s pE  the present electric field at the 
respective sides of the interface ( ( ) ( )ψ= −∇E x x ) and pε  the permittivity of the particle, 
which is in the following approximated as 2p oε ε= . Inside the membrane the Poisson’s 
equation is described analogously, with ( ) 0ψ∆ =x  and [ ]s s m m mε ε σ⋅ − =n E E  at the mem-
brane-solution interface (with the surface charge density of the membrane mσ  and its 
approximate permittivity m oε ε= 2 ). Additionally, the experimentally applied voltage of
mV50  is considered by introducing the boundary conditions Vψ = 0  at the bottom 
electrode and mVψ =50  at the top electrode (corresponding to top and bottom 
1  This theoretical model was developed by Andreas J. Meyer and Peter Reimann from the Con-
densed Matter Theory Group at Bielefeld in close cooperation and was published in 2014[182].
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boundaries sketched in Figure 2.21 A). Due to their minor relevance, the specific 
properties of the reservoir side walls are represented by the boundary condition
( )⋅ =0n E x  [211].
The flux densities ( )±J x  of the two ionic species is expressed by the Nernst-Planck 
equation ( ) ( ) ( ) ( ) ( ) ( )c c D cµ± ± ± ± ± ±= + − ∇J x x u x x E x x  in terms of their diffusion coeffici-
ents D±, their concentrations ( )c± x , the fluid-velocity field ( )u x  and their mobilities
Bq D k Tµ± ± ±= [208]. Within the last term q q e+ −= − =  describe the ion charges for Cl
− and
K +, Bk  is Boltzmann’s constant, T K= 293  the temperature and e is the electron 
charge. In the stationary state ( ( )±∇ =J x 0) the boundary conditions are ( ) 0c c± =x  at 
the electrodes and ( ) 0±⋅ =n J x  at all remaining boundaries[202,208]. Here, 0c  represents 
the experimentally determined bulk concentration of the ions with a large distance 
from the membrane.
With ( ) 0∇ =u x  (i.e., the fluid is incompressible) andη −= ⋅ ⋅Pa sec48 10  (viscosity of water 
at room temperature), the velocity of the fluid ( )u x  and the corresponding pressure
( )p x  satisfy Stokes’ equation ( ) ( ) ( ) ( )p pη∆ = ∆ −u x x x E x [208]. In addition, a vanishing 
normal stress A ⋅ =n 0 is presumed at the electrode boundaries (with A the hydrodyna-
mic stress tensor and its corresponding components ( )ij i j j i ijA pη δ= ∂ ∂ + ∂ ∂ −u u u u )[208]. 
Whereas standard no-slip boundary conditions ( ) =u x 0 are adopted at the side walls 
of the reservoirs and the membrane surfaces. It is noteworthy, that this boundary 
condition also apply for a potentially lipid bilayer-coated NP. Though such a coating 
resembles a movable ‚fluid wall‘, its low diffusion coefficient ( .POPCD nm µsec=
21 34 )[51] 
and charge neutrality induces no directed motion under experimental conditions 
(applied voltage of mV50 ).
Regarding the particle surface, no-slip boundary conditions are a priori not establis-
hed and instead, the possibility of non-negligible hydrodynamic slip effects is 
enabled[182]. For this reason, the more general, so-called Navier boundary conditions
( )|| slipl ⊥= ∂u u x  and ( ) ⋅ =u x n 0 are utilized, where ||u describes the slip velocity parallel to 
the surface, slipl  denotes the so-called slip length, and ( )⊥∂ u x  the derivative of the 
velocity field along the direction, which is normal to the particle surface (compare to 
Figure 2.21)[212]. 
Figure 2.21
A: Schematic illustration of the 
main arrangement and dimen-
sions used in the theoretical 
model[182]. The entire setup is 
rotationally symmetric about the 
particle axis with overall height 
Hres and diameter Wres. 
B: Sketch visualizing the 
slip velocity and slip length 
lslip, when no-slip boundary 
conditions are adopted (image 
according to[212]).
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According to solving these coupled partial differential equations, the key observable 
in the experiment, namely the net electrohydrodynamic force expeffF  acting on the par-
ticle (dsDNA molecule), can be straightforward obtained as the integral
( ) ( )theoeff S A M dS= +  ∫F x x n  over the particle surface S. Here, A is the hydrodynamic 
stress tensor (see above) and M the Maxwell stress tensor with its components
( )E EüüüM ε δ= − Å 2 2  [211].
The above-mentioned Nernst-Planck, Poisson and Stokes equations are solved nume-
rically, considering a rotationally symmetric geometry as sketched in Figure 2.21. The 
dimensions of the total system (cylindrical container) exhibit a height of resH µm=1
and a diameter of resW µm= 2 . Additionally, it was verified that larger values did not 
have a noticeable impact on the results[182]. The given membrane thickness is
d nm= 20  in case of the bare silicon nitride membrane, and d nm= 30  in case of the 
potentially existing lipid-coated membrane (varying d between nm10  and nm60  
changed the results by not more than %3 ). The characteristic hourglass shape of the 
NP was approximated as hyperboloids with maximal and minimal radii R1 and R0 (see 
Figure 2.20 and[213]; furthermore, the intersection between hyperboloid and flat 
membrane was slightly “rounded”). For the minimal radius R0in this model the expe-
rimentally estimated pore radius was adopted, whereas the maximal pore radius R1
was relative connected to R0 by R R d= +1 0 10 (further realistic selections of R1 varied 
the results by less than %5 ). 
The dsDNA molecule was theoretically modeled as a rod-shaped particle of radius
.pR nm=1 1  and length KuhnL l d= +2  with a Kuhn length of Kuhnl nm≈100  (= ⋅2 persis-
tence length of dsDNA), and thus approximating the respective literature values for 
dsDNA[199,214]. In addition, a homogeneous surface charge density of the (DNA) par-
ticle ( ). .p e nm nmσ π= − ⋅ ⋅2 0 34 2 1 1  was adopted (with the dsDNA circumference of 
. nmπ ⋅2 1 1 ). The position of the rod-shaped DNA-molecule was symmetrically along 
the pore axis, whereas both ends stuck out of the pore by Kuhnl . Once again, it was 
tested by further increasing the rod length, that theoeffF  persist nearly unchanged. 
Taking for granted that the dsDNA molecule can be satisfactorily approximated by 
such rigid rod (a detailed discussion can be found here[182]), there still exist the pos-
sibility that the rod axis may differ from the pore axis. These thinkable deviations 
were also verified to only have a minor effect on theoeffF , both for the uncoated and 
potentially coated NPs. 
Materials and Methods  33
3 Materials and Methods  
For understanding and reproducing the experiments and results, which will be 
presented in the fourth chapter, this section gives an overview on the technical requi-
rements and experimental preparations executed within the scope of this thesis.
At first a list of all chemicals and materials is presented, followed by a brief introduc-
tion of the optical tweezers (OT) and fluorescence microscopy setup. At least four 
different methods concerning the modification of the nanopores (NPs) by means of 
lipid mono- or bilayers are discussed.
3.1 Chemicals and Materials
The following tables list all chemicals, reagents, lipids and laboratory equipment and 
material for the experiments in this thesis.
Chemical / Reagents Manufacturer 
1-hexanol (C6H14O) Alfa Aesar, GER 
Acetone (p.a.) VWR, GER 
Calcium chloride (CaCl2) Sigma-Aldrich, GER 
Chloroform (ChCl3) VWR, GER 
Deionized water, χ=0.3 mS/cm (MiliQ®) Millipore, USA  
Ethanol (p.a.) VWR, GER 
HEPES (C8H18N2O4S) Sigma-Aldrich, GER 
Hydrogen chloride (HCL) Sigma-Aldrich, GER 
Hydrogenperoxide (H2O2), 30% VWR, GER 
Isopropyl alcohol (p.a.) VWR, GER 
Natriumchloride (NaCl) VWR, GER 
n-Decan (CH₃(CH₂)₈CH₃) Merck Schuchardt, GER 
Nitrogen (p.a.) Linde, GER 
Oxygen (p.a.) Linde, GER 
Pentane (CH3(CH2)3CH3) Sigma-Aldrich, GER 
Polydimethylsiloxane Sylgard 184 (PDMS) Dow Corning, USA 
Potassium chloride (KCL) VWR, GER 
Potassium ferrocyanide (K4[Fe(CN)6]) VWR, GER 
Succrose (C12H22O11) Roth, GER 
Sulfuric acid (H2SO4), 96% VWR, GER 
TDTS (Tridecafluor-1,1,2,2-tetra-hydrooctyl-trichlorsilan) ABCR, GER 
Tris(hydroxymethyl)aminomethane (TRIS) Roth, GER 
Zinc chloride (ZnCl2) Roth, GER 
α-Hemolysin from Staphylococcus aureus Sigma-Aldrich, GER 
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DNA / Microbeads Manufacturer 
„DNA Filter“ Ultra-0.5 50 kDa Ultracel Filter AmiconTM, USA 
DNA Oligomeres (5‘-AGGTCGCCGCCC-3‘, 432 ng/µl,) Metabion, GER 
DNA Oligomeres (5‘-GGGCGGCGACCT-3‘, 543 ng/µl) 
tagged with biotin molecules Invitrogen
TM, USA 
Strepatavidine-polystyrene microbeads (3.05 µm) Kisker Biotech, GER 
λ-DNA (500 ng/µl) New England Biolabs Inc., USA 
 
Lipids Manufacturer 
Cholesterol Sigma-Aldrich, GER 
DOPE (1,2-dioleoyl-sn-glycero-3-phosphoethanolamine) Avanti Polar Lipids, USA 
DOPG (1,2-dioleoyl-sn-glycero-3-phospho-(1'-rac-glycerol)) Avanti Polar Lipids, USA 
DOPS (1,2-dioleoyl-sn-glycero-3-phospho-L-serine) Avanti Polar Lipids, USA 
DPhPC (1,2-diphytanoyl-sn-glycero-3-phosphocholine) Avanti Polar Lipids, USA 
DOPC (1,2-dioleoyl-sn-glycero-3-phosphocholine) Avanti Polar Lipids, USA 
DPPC (1,2-dipalmitoyl-sn-glycero-3-phosphocholine) Sigma-Aldrich, GER 
POPC (1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine) Avanti Polar Lipids, USA 
POPG (1-palmitoyl-2-oleoyl-sn-glycero-3-phospho- 
(1'-rac-glycerol)) Avanti Polar Lipids, USA 
Rhod-DOPE (1,2-dioleoyl-sn-glycero-3-phosphoethanolamine- 
N-(lissamine rhodamine B sulfonyl)) Avanti Polar Lipids, USA 
 
Laboratory Equipment Manufacturer 
Bilayer slide Ionovation, GER 
Bilayer slide holder & movable carriage Self-constructed 
Centrifuge 5417 C Eppendorf, GER 
Desiccator DURAN, Germany 
HIM (Helium ion microscope ORION PLus) Carl Zeiss AG, Germany 
Magnetic Stirring Hotplate MR 3001 K Heidolph, GER 
Microscope slides (24 mm x 60mm x (0.13 - 0.17) mm) Menzel-Gläser, GER 
Oxygen - plasma chamber Self-constructed, see[215,216] 
Rotary evaporator RV 05 Janke & Kunkel, GER 
Thermocycler “Uno Cycler” VWR, GER 
Ultrasonic homogenizer (Sonopuls MS 72) Bandelin, GER 
Vortex-Genie 2 Scientific Industries, USA 
 
Microchips Manufacturer 
Silicon microchips (5 mm x 5 mm) 
with silicon nitride membrane (200 µm thin) Silson, UK 
Silicon microchips (3 mm x 3mm) 
with silicon nitride membrane (20 nm thin) Structure Probe Inc., USA 
Silicon microchips (3 mm x 3mm) 
with silicon nitride membrane (10 nm thin) Norcada Inc, CAN 
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3.2 Experimental Setup
The main experimental setups are presented in the next two chapters. First, the 
optical tweezers microscope and its basic development are described, followed by an 
introduction to the utilized fluorescence microscopy setup.
3.2.1 Optical Tweezers
An inverted microscope and a powerful infrared laser constitute the core of the optical 
tweezers (OT) setup. A unique feature of OT is the contactless manipulation and force 
measurement of dielectric microparticles with subpiconewton force resolution[111,113]. 
These external forces that act on a trapped particle can be quantified by detecting 
the particle position with high spatial as well as temporal resolution. The lateral force 
(x- and y-direction) can be determined by utilizing forward or backscattered light of 
the trapped particle and guiding it onto a position sensitive detector. To measure the 
axial force (z-direction) the intensity of the forward or backscattered light has to be 
detected[217–219]. Collection of the forward scattered light is less advantageous than 
measuring the backscattered light. The forward scattered light has to be collected 
by means of a condenser lens and be confocally adjusted to the trapping objective, 
and thus the versatility of the setup is strongly limited[220]. This restriction can be 
surmounted by utilizing backscattered light[217,218]. However, it should be noted that 
disturbing force interference effects can occur when this system is operated in the 
vicinity of optical interfaces (like a silicon nitride membrane). Sischka et al. demons-
trated that it is feasible to partially suppress these interference effects by improving 
the optical setup[218]. An innovative development of the OT setup, recently presented 
by Knust et al.[131], deals with a video-based image analysis of the trapped particle for 
position detection as well as force measurement. With this technique, using standard 
CCD camera operated at moderate light illumination (with negligible sample heating), 
high force resolution in the axial direction was achieved[131]. 
Laboratory Material Manufacturer 
Acrylic glass Miscellaneous 
Cleanroom wipers ITW Contamination, China 
Conductive silver paint Sigma-Aldrich, Germany 
Disposable dental needle (ø 0.5 mm x 40 mm) Braun, GER 
Glass capillaries (borosilicate ø 0.78 mm) Harward Apparatur 
Glass syringe (10 ml; H-C ¼”-28UNF/6 PTFE) ILS, Germany 
Glass vials (1 ml) VWR, GER 
ITO (indium tin oxide) coated glass slides Sigma-Aldrich, Germany 
Platinum wire (ø = 0.4 mm) VWR, GER 
Reservoir puncher (ø 1.5 mm and ø 4 mm) Self-constructed 
Round-bottom flask (10 ml) VWR, GER 
Single use syringes (1 ml, 5 ml and 10 ml) Braun, GER 
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Optical tweezers system
The OT setup shown as a schematic in Figure 3.1 includes both the backscattered 
light technique and the video-based image analysis. In the following text the setup 
and its main components are briefly introduced a more detailed description (including 
manufacturer information) can be looked up in these publications[128,131,218,221]. The 
P-polarized beam (red line) of a Nd:YAG-laser ( W1 , nm1064 ) initially passes a long-
pass filter ( nm1064 ) and a polarizing beam splitter cube before it is expanded to a 
diameter of mm9 . Next, it is turned into right-circularly polarized light via a quarter 
wave plate, and finally focused by a water immersion objective (60x, NA 1.2) into the 
sample chamber, creating the OT trap. Once a particle is trapped, the backscattered 
light (orange dashed line) from it is collected by the objective, turned into a parallel 
light beam again and reflected by a dichroic mirror. The light changes into linearly 
S-polarized light after passing the quarter wave plate and subsequently, the polari-
zing beam splitter cube reflects the beam onto a photodetector (utilizing a confocal 
projection through a longpass filter). 
Once an external force (in the z-direction) acts on a trapped particle, it will be slightly 
deflected out of the beam focus. This leads to a change of the backscattered light 
intensity, which can be translated into force values (according to prior calibration). 
To reduce disturbing backscattered interference effects, a central obstruction filter is 
placed into the light path next to the quarter wave plate. In addition, this filter forms 
a doughnut-like laser beam, which also enhances the force constant in the z-direc-
tion[218]. Two short pass filters are placed in the path of the visible light (white line) 
to protect eyes and camera. The sample chamber is placed on a micrometer-precise 
manual stage (for coarse adjustment) and can be additionally position controlled by 
means of a piezo stage (with nanometre precision). Hence, it is feasible to move a 
trapped particle (or microbead) relative to the sample chamber. A metal box acts as 
a Faraday cage and enables undisturbed recording of very small ionic currents (see 
also Figure 3.2 A). 
The sample chamber reservoirs are electrically contacted by “glass capillary electro-
des”. These electrodes are filled with agarose gel and a cyanoferrat salt bridge and 
Figure 3.1
Scheme of the OT setup, illus-
trating the main components 
required for OT force recording 
via backscattered light detection 
and video-based image analysis. 
A detailed description of the 
process is given in the main 
text. The inset shows a micro-
graph of a trapped bead and is 
taken from[131].
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they contain a platinum wire, which is connected (via a headstage) to a patch-clamp 
amplifier (image B). To illuminate the sample chamber, a high power cold light source 
( lm1000 ) is placed about cm2  above the top of the chamber inside the Faraday 
cage.
Video-based force analysis
The region of interest of the sample chamber, including a trapped microbead, can be 
observed by the microscope binocular, while an image of the microbead is projected 
to the focal plane of the CCD camera by means of a custom-build post magnification 
(factor 10). This magnification is mandatory for a sufficient high lateral resolution of 
the microbead’s image, which in turn is required for proper analysis of the axial force 
acting on the bead. Additionally, the bead’s image has to be continuously monitored, 
which is possible with a maximum frame rate of 123 frames per second in real-
time[131]. The complete image analysis is software-based using a CPU with six cores 
and twelve parallel threads. To precisely determine the apparent size of a trapped 
bead in the focal plane, specific edges in each single image are searched, as illust-
rated in the inset micrograph in Figure 3.1. Hence, the strongest rising (green) and 
falling (red) edges along 360 circular spokes (blue) are identified1 and the middle 
position between these two edges is determined. The apparent size of the microbead 
is gathered by fitting a circle through these points. This apparent size decreases2 
when a positive external force acts on the bead and deflects it axially inside the opti-
cal trap. The force calibration of the OT is executed using the drag force via Stokes’ 
law, while moving the piezo in z-direction with a defined velocity. 
A LabVIEW software combines total control over piezo stage movement, force cali-
bration and recording, applied voltage, measuring the ionic current and illumination 
intensity3.
1  These edges are identified, if both exceed a specific threshold value. Additionally they have to 
be in a consistent relation to each other, which means that the rising edge is further away from the 
bead’s center than the falling edge[131].
2  This applies for utilizing polystyrene beads. Using silica beads instead, the apparent size incre-
ases at positive applied external forces.
3  This software was primarily coded by Dr. Andy Sischka and developed further by B.Sc. Seb-
satian Knust.
Figure 3.2
Photograph of the OT setup 
with inverted microscope,
Faraday cage and cold light
illumination (A). 
Schematic illustration showing 
the structure and contents of a 
glass capillary electrode (B).
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3.2.2 Fluorescence Microscopy
The central elements of this setup are an inverted fluorescence microscope (Axiovert 
200, Zeiss, Germany) and a low-pressure syringe pump unit (neMESYS, Cetoni, Ger-
many), which can be seen in Figure 3.3. The microscope is equipped with a W100
mercury short arc lamp (HBO 100, Zeiss, Germany) at its backport, a 40X objective 
(LD Achroplan, Zeiss, Germany) and a fluorescence filter set to enable fluorescent 
imaging of labeled phospholipids. The filter set (FS 20, Zeiss, Germany) consists of 
an excitation filter (BP 546/12), a beam splitter (FT 560) and an emission filter (BP 
575-640). This filter set was selected for accurate observation of lipids which are 
labeled with Rhodamine B (excitation wavelength nm543 , emission wavelength
nm565 ). Non-fluorescent objects are illuminated by a halogen white lamp ( W30 ), 
which is installed on top of the sample with a condenser lens in front. The sample 
chamber is placed onto an automatically movable stage (99S008, Ludl Electronics, 
USA), controllable either by software or manually by a joystick. For the same reasons 
as described for the OT setup, a custom built Faraday cage can be optionally placed 
on top of the stage (see also Figure 4.26). A CCD camera (Imager 3LS, LaVision, 
Germany) is installed at the microscope’s primary camera port and controlled by the 
software Davis 6.2 for image acquisition. 
For electrical connection either the glass capillary electrodes (compare Figure 3.2) for 
GUV bursting observation or chlorinated platinum wires for the work with the Bilayer 
Slide are used. For applying voltage and ionic current recording a patch-clamp amp-
lifier (BC-525A, Warner Instrument Corp., USA) was additionally integrated in the 
course of this work and controlled by a LabView software.
Syringe pump unit
For perfusion of the Bilayer Slide channels, two low-pressure syringe pumps are uti-
lized (see Figure 3.3) in combination with the neMESYS UserInterface software. Both 
glass syringes ( ml10  volume) are connected to two microtubes via a switchable 
valve, respectively, and can be controlled individually by the software. The four 
Figure 3.3
Scheme of the fluorescence 
microscopy setup. The fluores-
cence imaging is conducted with 
filter set 20, to observe the fluo-
rophore Rhodamine B. A syringe 
unit (controllable by software) 
for perfusion experiments is ins-
talled next to the microscope.
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microtubes end at tube connectors integrated in a mobile carriage, which fits onto the 
Bilayer Slide holder (for more details see chapter 3.3.4).
3.3 Nanopore Modification
In context of this thesis, nanopore modification represents the ability to alter a solid-
state surface by using lipid bilayers in two different ways. On the one hand, lipid 
bilayers can act as a surface coating and therefore, change (e.g.) the surface charge 
properties. On the other hand, freestanding lipid bilayers could be generated to span 
across a pore, and thus provide a biological environment for later incorporation of 
biopores. In the following chapters the experimental methods are introduced that 
were utilized to implement these two different approaches in nanopore modification.
3.3.1 Preparation of Lipid-Coated Nanopores
A custom made and well-established sample chamber design was used to investigate 
lipid bilayer coated NPs[161]. The principle design and structure is illustrated in Figure 
3.4. The basic component consists of three layers. A µm40  thick PDMS sheet with a 
channel structure ( . mm0 5  wide and mm26  long) was sandwiched between a glass 
coverslide and another PDMS sheet with punched access holes as a channel top cover 
(see photograph A and sketch C). The sides of both PDMS sheets, which face towards 
each other, were functionalized by oxygen plasma and thereby bond covalently prior 
to assembly. The silicon nitride chip was placed centrally on top of the channel above 
the middle access hole. To enlarge the reservoirs of the (cis) channel and the trans 
compartment two extensions made of PMMA were mounted on top. Part one fits to 
both trans reservoirs and part two seals the silicon nitride chip by utilizing a PDMS 
ring in between (see Figure 3.4 B and D). This structure features, in combination with 
a mounting plate (image B), a very stable and easy to handle sample chamber.
Nanopore fabrication
A silicon chip was utilized as a carrier medium for the NPs; this approach is traditio-
nally used in the context of electron microscopy. The chip had a diameter of about
mm3 , is µm200  thick and contained a square window with a typical size of
Figure 3.4
Photographs showing the 
channel structure (A) and 
assembled sample chamber (B). 
Additionally, schemes of the 
structure with size and material 
information are presented 
(C and D).
40
µm µm×60 60  (compare chapter 2.5 and Figure 2.15). The lower side of the chip, 
and thus the window area, is covered with a nm20  thin silicon-nitride membrane 
( nm10  and nm50  thick membranes were also used in this thesis). A single NP with a 
typical diameter between 15 and nm80  was milled by hellion ion microscope (HIM) 
into the center of the silicon-nitride membrane. Before usage, each chip was cleaned 
for min30  in a oC80  hot piranha solution, consisting of freshly mixed aqueous H2O2 
solution and concentrated H2SO4 with a ratio of 1:3 (v/v). This treatment ensures a 
high hydrophilicity of the membrane, which is important for surface fusion of SUVs. 
Afterward, the chip was carefully rinsed with deionized water and mounted into the 
sample chamber.
Lipid bilayer-coating
Coating of the NP walls with a lipid bilayer from the SUVs was performed similar to 
the work of Yusko et al.[51]. The SUVs were prepared by utilizing a rotary evaporator 
for formation of a lipid film in a round bottom glass flask[182]. After resuspending this 
film in buffer ( mM150  KCl and mM10  HEPES at pH 7.5) to a final lipid concentration 
of mM2 , the SUVs were generated via tip sonication ( min−10 20  at 30 % power). 
The used lipid mixture was composed of . %mol99 2  POPC and . %mol0 8  Rhod-DOPE 
(DOPE labeled with Rhodamine B). The coating process of the silicon-nitride memb-
rane and the NP walls with a lipid bilayer is illustrated in Figure 3.5. Initially, the 
sample chamber was rinsed with buffer ( mM150  KCl and mM10  HEPES at pH 7.5), 
followed by the exchange of the buffer in the cis channel with the SUV suspension 
(image I and II). The vesicle solution was left for min15  in the channel to let the 
vesicles interact with the silicon-nitride membrane. Due to the hydrophilic memb-
rane, the SUVs burst on the surface and merge to a lipid bilayer, which covers the 
membrane as well as the NP (image II and III). Excess SUVs were then removed by 
rinsing with MilliQ® water and both cis and trans reservoirs were filled with a solution 
of M2  KCl and mM10  Tris/HCl at pH 8.0. 
As indicated in image IV in Figure 3.5 the lipid bilayer did not only cover the lower 
side of the silicon-nitride membrane and the NP wall, but also the upper side of the 
membrane. Thus, a large patch with a typical size between 5 and µm20  was formed, 
which was clearly observable by fluorescence microscopy. To confirm if a bilayer coa-
ting attempt succeeded, fluorescence recovery after photo bleaching (FRAP) was 
Figure 3.5
Schematic sketch illustrating 
the main preparation steps for 
coating a NP containing silicon 
nitride chip via SUV fusion.
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used, as well as the NP conductivity measurements. As evidence of a reduced NP 
diameter due to the lipid-coated pore walls, the conductivity was perceptibly reduced 
compared to an uncoated NP[51,182]. Once a NP was coated, the entire sample chamber 
was rinsed again with buffer ( mM20  KCL and mM2  Tris/HCL at pH 8). Then, a sus-
pension of bead-dsDNA constructs was added to the cis compartment and dsDNA 
threading and force measurements were performed.
Preparation of bead-dsDNA constructs
To conduct a controlled translocation via optical tweezers, the dsDNA has to be cou-
pled to a microsphere. For this purpose, microbeads made of polystyrene and coated 
with streptavidin were used. The size distribution of the beads ranged from 3.05 to
. µm3 28  in diameter[130]. For accurate immobilization of the DNA molecules onto the 
bead surface, λ-DNA was tagged on one end with a biotin molecule: µl20  λ-DNA (
ng µl500 ) and µl2  oligos (5‘-AGGTCGCCGCCC-3‘, ng µl432 ) were together heated 
up to oC75  to break up the circular λ-DNA-structure, resulting in an open double-
strand with a 12 base long overhang at each side (sticky ends). The following slow 
cooling (from oC75  to oC25  over min80 ) induced a saturated attachment of oligos to 
the complementary base sequence at one sticky end. Then, . µl0 6  oligos (5‘-GGG-
CGGCGACCT-3‘, ng µl543 ), labeled with a biotin molecule, were hybridized to the 
other end of the λ-DNA. This occurred during slow cooling from oC40  to oC25  over
min60 . For purification, the complete suspension was filtered and washed with buf-
fer solution ( mM150  NaCl, mM10  Tris/HCl, pH-Wert 8) in several centrifugation steps 
( g5000  for min7 , respectively). Afterwards, the filtered DNA was diluted with µl180
of the same buffer solution, yielding a final DNA concentration of ng µl50 . This DNA 
suspension was stored in small aliquots in a freezer at oC−20 .
The immobilization of the DNA molecules onto the streptavidin coated microbead 
surface was only performed immediate prior to experimental usage. At first, . µl0 5  of 
the microbead stock solution and µl18  buffer ( mM20  KCL and mM2  Tris/HCL at 
pH 8) were mixed and gently vortexed for several seconds. Then, µl1  of the final DNA 
solution was added and this suspension was also gently vortexed for several seconds. 
After min10 , the microbead-dsDNA construct solution was amended with mM20  KCL 
buffer to a final volume of about ml1 .
3.3.2 Langmuir-Blodgett Transfer
As described in chapter 2.2, the Langmuir-Blodgett (LB) transfer technique allows for 
generating densly packed lipid monolayers and transferring these layers onto solid 
substrates. A PTFE (polytetrafluoroethylene, teflon) trough in combination with a 
movable barrier (PTFE) for enclosing a distinct surface area, serves as basic platform 
of this technique. A photograph (A) and a schematic (C) of the setup are shown in 
Figure 3.6. To measure the lateral surface pressure, a tensiometer (A) in combination 
with a Wilhelmy-plate was used (B). A monolayer can be transferred by utilizing a 
dipper (with integrated chip holder), which can be precisely moved in vertical direc-
tion (Figure 3.6 D and I - III).
Prior to each experiment the trough was cleaned and the tensiometer calibrated. 
Once the trough was filled with the subphase (MiliQ®-water or mM1  ZnCl2) in such a 
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manner that the barrier visibly touched the liquid surface, the cleanliness of the sub-
phase was checked by closing the barrier (reducing the enclosed liquid area). Any 
pressure increase was due to contaminants on the subphase surface and had to be 
removed via a PTFE nozzle connected to a suction pump. Once the subphase was 
clean, a small amount of lipids ( µl−5 30 , dissolved in chloroform) was spread drop 
wise into the active part of the trough (left side in image C).
Isotherm measurement
The surface tension (inverse of the surface pressure) can be described as the work 
required to expand the surface isothermally by unit area[109]. The tendency of sur-
face-active molecules, like phospholipids, to accumulate at interfaces favors 
expansion of the interface and hence lowers the surface tension. This behavior ena-
bles the monitoring of the surface pressure as a function of area[109]. An isotherm was 
recorded following lipid spreading and min10  allowance for solvent evaporation. This 
was done by sweeping the barrier over the water surface (speed: cm min− 210 40 ), 
and thus forcing the lipid molecules to come closer together and finally forming a 
compressed, ordered monolayer. Once the collapse pressure was reached (compare 
to 2.2), the film irretrievably losed its monolayer form and it was possible to deter-
mine the area occupied per single molecule. Measuring an isotherm prior to each LB 
transfer experiment is important to ensure that the lipid molecules are not damaged 
and especially to decide at which constant surface pressure the transfer should be 
executed. Herein, the transfer pressure was set to be a maximum of 80 % of the 
collapse pressure.
Lipid monolayer transfer
After determining the optimal transfer pressure, the trough was cleaned by means of 
the suction pump and lipid solution was spread in the subphase surface. This time the 
barrier was not moved at a constant velocity, but instead, was directed to move to 
keep a defined pressure (e.g. mN m37 ) constant. Once a stable pressure was recor-
ded, the dipper (with holder for the microchip) was slowly lowered, thus dipping into 
Figure 3.6
Two photographs showing the 
Langmuir-Blodgett trough with 
installed tensiometer (A) and 
the holder with mounted silicon 
nitride chip (B). Image C illus-
trates the working principle of 
LB trough. Additionally, the lipid 
monolayer transfer process is 
pictured (I to III).
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the subphase-monolayer interface. At this moment the LB film started to be transfer-
red to the microchip surface; this process is schematically illustrated in Figure 3.6 
I - III. Over the course of the transfer, the number of lipids available on the subphase 
surface decreased. To ensure that the selected pressure was constant, the barrier 
closed slowly (automatically controlled by the software). The transfer ratio was deter-
mined by measuring the area of monolayer removed from the subphase surface and 
taking the area of the microchip (immersed in the subphase) into account. This value 
serves as a strong indicator as to, whether or not the microchip was completely 
covered with a LB film.
As described in 2.2 it is possible to coat both hydrophilic and hydrophobic surfaces. 
In this experiment, the chip was functionalized with silane (TDTS) and thereby hyd-
rophobic. This lead to an attachment of the lipid tails to the chip surface and in the 
micropore, a lipid bilayer have been formed. The microchips used here consisted of 
silicon and a silicon nitride membrane, but differed in dimension as the chips presen-
ted 3.3.1. They had a size of mm x mm5 5  and a thickness of µm200 . The membrane 
window was mm x mm2 2  large and the membrane itself had a thickness of nm500  
and contained a micropore with a diameter between µm3  and µm8 .
Assembly of coated microchip and sample chamber
Once the microchip was coated after dipping into the subphase, it was transferred to 
the sample chamber without making contact with the air. Prior to this, the sample 
chamber has to be prepared. The principle design and structure was the same as 
used for the SUV coating, but some dimensions were different. Due to the larger 
window area, the cis channel was mm2  wide and the PMMA part for sealing the trans 
compartment had a conical shape (see Figure 3.7 A - D). 
This design enabled accurate microchip placement, because the remaining parts of 
the sample chamber were already assembled. Before immersion of this partly assem-
bled sample chamber into a bigger container filled with MiliQ®-water, the cis channel 
Figure 3.7
Photographs presenting the 
channel structure (A) and partly 
assembled sample chamber (B). 
The detailed structure differs 
slightly from the one shown in 
Figure 3.4 (C and D), because 
of the bigger size of the silicon 
nitride chip. The final assembly 
was conducted completely 
underwater as pictured in ima-
ges I to III.
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was also rinsed with water to ensure accurate filling without air bubbles. Once these 
initial preparations were accomplished and a LB film deposition completed, the micro-
chip was transferred from the LB trough to the big container via a small container 
(see also image Figure 4.14 in chapter 4.2.1). The following underwater mounting 
procedure is illustrated in Figure 3.7 I – III. The microchip was placed on top of the 
middle access hole and sealed by the trans PMMA part with a PDMS ring in between. 
Then, the sample chamber was removed from the bigger container and gently wiped 
before exchanging the water with mM20  KCL buffer in both compartments.
Once the assembly was complete, the sample chamber can be investigated at the OT 
microscope. Additionally, the presence of an intact lipid bilayer membrane across the 
micropore can be checked by measuring the resistance. For biopore incorporation 
fresh prepared α-hemolysin could be added (with different concentrations ranging 
from ng ml2  up to µl ml16 ). OT translocation experiments were performed by using 
dsDNA-microbeads constructs, prepared as described above (3.3.1).
3.3.3 Giant Unilamellar Vesicles
For preparing giant unilamellar vesicles (GUVs), the electroformation technique was 
utilized. This technique (as described in 2.1.3) uses low-voltage electric fields, which 
promote the formation of truly unilamellar vesicles. 
In this thesis ITO (indium tin oxide) coated glass coverslides with a size of about
cm x cm2 2 , provided the basis for proper electroformation. After cleaning of two 
conductive glass plates via an ultrasonic bath (with acetone, ethanol and water), a 
small amount of lipid solution ( µm5  to µm25 , solved in chloroform) was spread 
dropwise over an area of about . cm20 5 . This area was marked with dashed lines in 
image A of Figure 3.8. After drying (in a vacuum for at least h2 ), the two lipid coated 
coverslides were clamped against each other with a mm1  thick PDMS spacer in bet-
ween (see image B and C). In this configuration the ITO coated sides of the glass 
plates were facing each other and additionally, a small droplet of silver conductive 
paint was placed onto it for easier connection to a signal generator (image C).
The enclosed volume between the coverslides was filled with a mM300  sucrose solu-
tion and then the chamber was vertically clamped in a holder. In first formation 
experiments a function generator was used for applying alternating voltages. Later 
on, a LabView program was used for voltage application1. 
1  This LabView software was coded by Dr. Lukas Bogunovic.
Figure 3.8
Photograph (A) and detailed 
structure (B and C) of the 
GUV generation chamber. The 
scheme (D) depicts the electro-
formation process by swelling.
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The detailed voltage protocol is as follows: 
Step 1: Increasing sinusoidal voltage from 0 V to 1.6 V RMS at 12 Hz in 0.1
 V RMS steps (each with 60 sec).
Step 2: Constant sinusoidal voltage of 1.6 V RMS (at 12 Hz) for 1 to 3 h.
Step 3:  Square wave voltage of 1.6 V at 5 Hz for 10 min.
The last step promoted the final separation of a swelled lipid bilayer bubble, thus 
forming an individual GUV. This process is illustrated in image D of Figure 3.8, which 
also clarifies that the GUVs are filled with mM300  sucrose solution. Because the 
molarity of the sucrose solution is important for appropriate sinking properties and 
influences the bursting on different surfaces, varying molarities were tested. These 
tests are presented in 4.2.2. After accurate vesicle formation, the suspension of GUVs 
in sucrose was removed from the chamber and transferred to a plastic vial and stored 
at oC4  for up to d5 . Before using the GUVs for bursting events, the vial was gently 
vortexed. With this electroformation method a polydisperse suspension of GUVs was 
obtained with diameters ranging from a few up to µm80 .
GUV sinking and bursting procedure
The sample chamber structure used for GUV sinking and fusion studies, as well as the 
silicon nitride chip treatment, was identical to the one described above for the SUV 
coating experiments (compare chapter 3.3.1). Briefly, after filling the sample cham-
ber with buffer and electrical connection, µl−2 5  of the GUV suspension was added to 
the trans reservoir. The sinking and bursting process was observed with fluorescence 
microscopy and by measuring the ionic current, while a constant voltage was applied. 
Once a NP was covered by a lipid bilayer membrane (recording a distinct current 
drop), freshly prepared α-hemolysin was added (with different concentrations ran-
ging from ng ml2  up to µl ml16 ).
For free translocation through the α-hemolysin biopore, short single-stranded DNA 
fragments were used. These oligos consisted of 12 bases (5‘-AGGTCGCCGCCC-3‘) 
and were solved in mM20  KCL buffer.
For controlled translocation by optical tweezers, λ-DNA-microbead constructs (see 
chapter 3.3.1) were used again, but the “free” end of the double stranded λ-DNA had, 
in this case, a single stranded overhang (poly(dT)130). This ssDNA component was 
envisioned for controlled entrance and translocation through the biopore constriction.
3.3.4 Ionovation Bilayer Slide
As an alternative way for lipid bilayer formation, the commercially available Bilayer 
Slide (Ionovation GmbH, Osnabrück, Germany) was utilized. This instrument allows 
to generate semi-automated horizontal bilayers[222] combining and reinterpreting the 
widely established painting[223] and Montal-Müller[224] technique. The main difference 
is that the bilayer is formed horizontally and not vertically. This modification enabled 
investigation of the bilayer formation process by OT microscopy. The design and 
structure of this Bilayer Slide is shown in Figure 3.9. The horizontal PTFE sheet was
µm12  thick and had a µm50  diameter drilled hole, which exclusively connected the 
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cis and trans compartments. The sheet was sandwiched between a glass coverslide 
and a plastic body chamber using a double-sided adhesive film application. Both 
adhesive films contained a channel structure, which were fabricated by laser edging 
and with a complete volume of approximately µl150 l. 
The body chamber had five main ports. Three (first row in image A) of these ports 
belonged to the upper channel, whereas the outer ports was for liquid perfusion and 
the middle port was for lipid injection. The latter also preserved the possibility to 
perform transmitting light microscopy. Two additional main openings were for perfu-
sion of the bottom channel, and two minor openings on the right side were for an 
electrical connection (see label in image A). The glass cover slide was transparent 
and the distance between it and the PTFE sheet was µm100 , thus within the working 
distance of a high-numerical-aperture objective.
Setup integration of the Bilayer Slide
Because the Bilayer Slide is commonly utilized in combination with additional expe-
rimental setups (Ionovation Bilayer Explorer, including a detection unit and a control 
unit), a holder for the Bilayer Slide and a mobile carriage with tube connectors was 
homebuilt. The photographs in Figure 3.10 show the chip holder and the carriage, 
which carries four tube connectors. The microtubes lead to the syringe-pumping unit.
Additionally, it was feasible to vertically move the carriage manually up and down 
(image B). This feature was determined to be important while measuring the ionic 
current. The current recording possess much less noise after the tube connectors 
were not attached to the buffer meniscus of a main opening. For mounting the 
Figure 3.9
Graphics showing the upside 
(A) and downside (B) of the 
Bilayer Slide. The subjacent 
sketches illustrate its structure 
and composition. The 12 µm 
thin PTFE foil (containing the 
50 µm aperture) is sandwiched 
between a coverslide and the 
chamber body by using double-
sided adhesive film. This films 
feature laser edged channel 
structures.
Figure 3.10
Photographs showing the Bilayer 
Slide holder (A) and the carriage 
with tube connectors. The car-
riage was adjustable in distance 
of the Bilayer Slide (B).
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Bilayer Slide holder onto the XY-stage of the microscope, an adapter was fabrica-
ted, which is visible in Figure 3.11 A. The electrodes (chlorinated platin wires) were 
connected to the patch-clamp amplifier via the headstage. In lastly executed expe-
riments, the electrodes are also connected to a LCR-meter (HAMEG) for capacitance 
measurements.
Before starting an experiment, the Bilayer Slide was filled with measuring buffer and 
optically (or electrically) controlled for the absence of microbubbles of air. After pro-
per mounting, both channels cis and trans were flushed via the syringe unit. The 
microtubes had also be free of trapped air. Next, a volume of . µl0 2  of lipid solution 
was painted near the aperture (image B) and perfusion cycles for lipid bilayer gene-
ration were started. More details regarding the specific perfusion parameters are 
presented in chapter 4.2.3.
For biopore incorporation and microbead preparation the same procedures were uti-
lized as described in the previous chapters.
The glass syringes, as well as the microtubes and the Bilayer Slide, were cleaned 
before and after each measurement session with, MiliQ®-water, isopropanol and dried 
under a nitrogen stream.
Figure 3.11
Photographs showing the com-
pletely mounted Bilayer Slide 
on the microscope stage with 
connected inlet and outlet tubes 
and electrodes.
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4 Results and Discussion
The scope of this work is the establishment of experimental methods for modifying 
solid-state nanopores (NPs) with lipid bilayer membranes. The ability to execute OT 
force measurements should be respected. In this context two major projects are 
presented; both projects are based on the utilization of lipid bilayer membranes. In 
chapter 4.1 lipid bilayer membranes were used to generate a stable coating covering 
the sidewalls of a NP and the adjacent silicon nitride membrane surface. Such surface 
modification offers new prospects and insights for optical tweezers controlled DNA 
threading experiments. In chapter 4.2 three different ways of producing freestanding 
lipid bilayer membranes sealing a silicon nitride nanopore are examined and demons-
trated. This bilayer provides a biological environment that enables the incorporation 
of the pore forming toxin α-hemolysin. These well-characterized biopores can be 
utilized for free translocation of ssDNA, as well as for OT controlled ssDNA-threading 
studies.
4.1 Lipid Bilayer-Coated Nanopores
To get a better understanding of the interaction between threading forces of sin-
gle DNA strands and nanopores, which are embedded in membrane systems, it is 
important not just to alter the pore size (the membrane thickness or membrane 
material, respectively), but also to diversify the surface functionality of used mem-
brane material. The most common membrane material is silicon nitride. When using 
these substrates it was frequently observed that surface charges, impurities or DNA 
adhesion to the substrates can negatively influence the experiments. 
The specific work on variations to functionalize the surface should provide an essen-
tial tool for the researcher to improve and to systematically control the DNA nanopore 
translocation process. One possible variation is demonstrated in this thesis by using 
Figure 4.1
Schematic sketch of a silicon 
nitride chip after treatment with 
small unilamellar vesicles. The 
magnification shows a vertical 
cross section through a NP with 
the lipid bilayer-coating.
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a lipid bilayer, which acted as a coating for the silicon nitride membrane (and with this 
also for the inner part of the NP region). This simple and elegant approach is sche-
matically illustrated in Figure 4.1, showing a NP containing silicon nitride chip with 
lipid bilayer coating. The coating was conducted by utilizing small unilamellar vesicles 
(SUVs) and previously treating the silicon nitride chip with piranha solution, providing 
the necessary hydrophilicity of the membrane surface. Because of the small diameter 
(below nm50 ) and the resulting high surface tension, the SUVs burst on the strong 
hydrophilic surface of the silicon nitride membrane and merged into an intact lipid 
bilayer (the whole procedure is detailed described in chapter 3.3.1). The hydrophilic 
head groups of the phospholipids of one monolayer were oriented towards the silicon 
nitride surface, whereas the second monolayer was oriented in the opposite direction, 
and thus shielded the hydrophobic chains from the surrounding water. Of note is that 
a very thin water layer remained between the bilayer and the silicon nitride 
membrane[51].
Another advantageous aspect of the small sized vesicles was the ability to easily 
become incorporated into an already existing lipid bilayer. This behavior was the 
reason, why the lipid bilayer could expand and slip through the nanometre sized 
pore (as indicated by the black arrow in Figure 4.1). The next section will address 
the procedure to detect and confirm the presence of a successfully completed lipid 
bilayer-coating.
4.1.1 Characterization of Coated Nanopores
The characterization of the lipid bilayer-coated nanopores is a very crucial step, 
because one has to confirm that the SUVs not only burst and merge into a bilayer 
on the bottom side of the silicon nitride membrane, but also slip through the NP and 
cover the NP walls. Only the complete coating of the NP walls and the surrounding 
region of the membrane resulted in surface functionalization alteration, thus chan-
ging the DNA translocation properties. Due to the small size of the NP, the verification 
of accurate coating properties could only be executed by experimental methods in 
indirect manner. 
For this reason, the lipid mixture was composed of POPC and Rhod-DOPE, so that the 
lipid bilayer could be observed by fluorescence microscopy. As described in section 
3.3.1, the SUVs were added through the bottom channel of the sample chamber, and 
thus the vesicles could only attach (followed by bursting and merging) to the bottom 
side of the silicon nitride membrane. It was impossible for the SUVs to flow through 
the nanopore because their diameter was above the diameter of the NPs. The only 
way for the lipids to reach this upper region of the membrane was to move as part of 
an expanding lipid bilayer through the NP, followed by growing on the upper region in 
form of a roundly shaped patch (see Figure 4.1). This behavior was monitored by 
comparing fluorescence images before and after the coating process. Two examples 
of fluorescent microscopy images of successfully coated silicon nitride chips are 
shown in Figure 4.2. The bright square (area II) represents the “window area” of the 
silicon nitride membrane and the even brighter round shaped patch corresponds to 
the lipid bilayer that moved through the pore (area I). The intensity of the bilayer 
patch was higher because of the double amount of fluorescently labeled lipids in this 
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region (see schematic sketch in Figure 4.2). However, the intensity of the window 
area (except the patch) was brighter than the coated surrounding silicon-nitride 
membrane (area III) because of some light reflections from above the Chip, which 
were blocked by the bulk silicon material. The size and specific shape of the lipid 
bilayer patch depended on the SUV concentration, as well as the interaction time 
(usually min15 ). 
The upper image in Figure 4.2 is the only one where the patch seemed to be in con-
tact with the “window walls”. The commonly discovered patch was round shaped and 
had a diameter of about µm15  (comparable with the image marked with 180 sec in 
Figure 4.3). Additionally, during the coating and bilayer slipping process, a trans-
membrane voltage was never applied. In the event of a successful coating (i.e. a lipid 
bilayer patch was visible), a voltage of mV100  was applied and used to determine, 
whether the coating was intact within the NP region (specifically, the NP walls). This 
procedure will be discussed later in this section.
High voltage dependency
First, it is intended to present another visual observable phenomenon in context with 
applied high1 voltages, which is depicted in Figure 4.3. An accurate lipid bilayer coa-
ting attempt resulted in an area of the patch either expanding or shrinking with time 
when a constant high (positive or negative) transmembrane voltage on the order of 
2 V was applied.
The upper part of Figure 4.3 illustrates the expansion while applying a high positive 
voltage. As the red arrows in the sketch indicate, the bilayer migrated from the 
1  “High” voltages refer here, in the context of nanometer sized pores, to voltages of 1 – 3 
Volts and have to be compared to “normal” voltages of 50 – 100 mV (as usual for this kind of 
experiments).
Figure 4.2
Left: Fluorescence microscopy 
images of two successfully 
coated chips. The bright square 
represents the “window area” 
of the silicon nitride membrane 
and the even brighter round 
shaped patch corresponds to 
the lipid bilayer, which slipped 
through the pore. 
Right: schematic sketch of the 
experimental setup clarifying 
the observation of three areas 
(I, II and III) with different 
fluorescence intensities. 
[Parameters: buffer: 20 mM 
KCL and 2 mM Tris/HCL at pH 8; 
exposure time: 100 msec]
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bottom side through the NP and enlarged the patch area on the upper side. Four flu-
orescence images at different points of time are shown. The bilayer movement also 
returns back in direction after inverting the voltage. This observation is important 
for two reasons: On the one hand, the bilayer was at high voltages fluid, and thus 
not immobile. This behavior suggests that the lipid bilayer had a positive charge, but 
due to the fact that the lipids are zwitterionic (exhibiting an overall electric neutral 
charge) the movement was most likely mainly caused by the electro osmotic flow. 
The EOF was directed to the negative electrode (see section 2.6), and thus pulled 
the bilayer along. 
On the other hand, this effect only occured at V2  voltages and can be neglected for 
measurements applying mV−20 100 . Herein, we never observed such movements at 
“normal experimental conditions”, which means that the bilayer could be characte-
rized here as immobile[182]. However, the movement of the whole bilayer and the 
movement of single lipids within a stated bilayer area (the position and border of the 
patch do not change) must be differentiated. The bilayer itself should remain fluid in 
context of the fluidity of single phospholipids.
Fluidity and lateral diffusion of single lipids
In order to confirm this fluidity and to determine lateral diffusion constants of the 
lipids, fluorescence after photobleaching (FRAP) experiments were performed on the 
bilayer at a region near the freestanding silicon nitride membrane. The labeled 
Figure 4.3
Left: Series of fluorescence 
microscopy images showing 
the expansion and shrinking 
of a lipid bilayer patch through 
the nanopore, while a high 
(positive or negative) voltage 
in the range of some Volts was 
applied. The denoted time refers 
to the first image. 
Right: Schematic sketch of the 
lipid bilayer patch size variation.
[Parameters: buffer: 20 mM 
KCL and 2 mM Tris/HCL at pH 8; 
exposure time: 200 ms] 
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phospholipids were selectively photobleached using an aperture (image A in Figure 
4.4) for min30  during constant excitation by illumination1. After this period of time, 
one can clearly identify the dark bleached spot in image B. After additional min15 , a 
considerable recovery of the fluorescence in this spot was observable. To compare 
two FRAP experiments with different phospholipids (POPC and DPPC), the intensity of 
the bleached area was monitored for several time points while the bleached labeled 
lipids diffused out and unbleached lipids diffused in. The diagram in Figure 4.4 shows 
a plot of intensity versus time for each run. Even though the intensity did not com-
pletely return to the initial normalized intensity of 1 for both runs, the qualitative 
difference in recovery time between POPC and DPPC was visible.
The equation ( ) .LD nm µsec x r t=2 2 1 20 224  (where ( )r nm2  is the radius of the 
bleached spot and ( )t µsec1 2  is the half time of the fluorescence recovery), was used 
to determine the diffusion coefficients[225,226]. The value of t1 2  is obtained from an 
exponential fit through the data. This diffusion coefficient for the bilayer containing 
POPC lipids is
( ) .L POPCD nm µsec=
21 25  and for the DPPC lipids ( ) .L DPPCD nm µsec=
22 45 , 
respectively. These results are close to reported values from the literature for diffu-
sion constants of supported lipid bilayers, ranging from nm µsec22  to nm µsec25
(typically obtained on SiO2 or glass surfaces)[51,227,228]. The slower recovery of POPC 
bilayers indicated the increased viscosity in comparison with DPPC bilayers[51] and 
thus POPC is the preferable phospholipid for bilayer coatings.
Indirect estimation of the effective NP diameter 
To verify if the coating within the NP was still intact and to answer the question, “how 
big the reduction of the NP diameter after coating is“ (in comparison with the NP 
diameter before), we used the ionic current through the NP while applying a constant 
voltage of mV100 . This procedure is performed for every measurement before and 
after the coating attempt. The effective diameter of this pore should be reduced in a 
range of . .nm nm±9 6 0 2  to produce an ideal lipid bilayer coating of a silicon nitride 
1  The FRAP experiment was performed during a visit in the Biomembrane Lab of Prof. Michael 
Mayer at the University of Michigan and supervised by Dr. Eric C. Yusko.
Figure 4.4
The upper series of fluorescence 
microscopy images (A, B and 
C) illustrate the executed FRAP 
measurement.
The bottom diagram shows a 
plot of intensity versus time 
obtained from two different 
FRAP experiments. The larger 
t1/2 value and slower recovery of 
POPC bilayers indicate the incre-
ased viscosity in comparison 
with DPPC bilayers.
[Parameters: radius r of the 
bleached spot: 20 µm; time 
distance between image B and 
C 630 sec; POPC t1/2 = 390 sec; 
DPPC t1/2 = 180 sec]
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pore[51]. In this context, the effective diameter of a NP refers to a cylindrical channel, 
which is broad enough for the buffer ions to pass through. The effective reduction of 
the NP diameter was composed of the thickness of the bilayer and the thickness of 
the interstitial water layer between the lipid bilayer and the silicon nitride wall of the 
pore. Yusko et al. presented[51] a calculated value of . nm1 1  for modelling the water 
layer (compared with literature data of . nm0 5  to . nm1 7 )[229,230], and thus a value of
. nm3 7  for the bilayer thickness (using POPC phospholipids) can be assumed[231].
As introduced, the effective diameter of a NP diameter depends on the electrical 
resistance and thus on the ionic current. This value can be calculated (all other requi-
red experimental parameters are known and reproducible). Based on the fact that a 
silicon nitride membrane acts as an isolator, the electric potential drops down just 
within the NP region with a constant voltage application. The total resistance R of the 
system is as followed:
In the experiment, R can be obtained by applying a defined voltage and measuring 
the associated ionic current. NPR  represents the resistance of the cylindrical NP volume 
and AR  corresponds to the access resistance of the NP. The latter is due to the effect 
that the electrical field on both sides of the pore emerge beyond the NP volume (each 
in form of a hemisphere[130]). The result of this is:
where r represents the radius of the nanopore, NPl  the length of the pore (i.e. the 
thickness of the silicon nitride membrane) and SPρ  the specific resistivity of the elect-
rolyte. Rearranging the equation to NPr  yields:
The ionic current at an applied voltage of mV100  is recorded and conducted using a 
sample chamber filled with a high concentrated electrolyte solution of M2  KCL and
mM2  Tris/HCL (at pH 8), which has a specific resistivity of .SP mρ = Ω0 0467 . This high 
concentration is necessary because, at low concentrations, existing surface charges 
would eventually dominate the conductivity of the NP[130]. Given the knowledge about 
the lipid bilayer and water layer thickness and following these methods, it is feasible 
to calculate the effective NP diameter for both lipid bilayer coated and uncoated sili-
con nitride NPs. In case of the coated NPs it is important to consider not only the 
reduced diameter, but also the increased thickness of the membrane (silicon nitride 
membrane plus lipid bilayer membrane, see Figure 4.1).
In Figure 4.5 the data of 38 independent coating attempts are illustrated by compa-
ring the NP-diameter before and after the SUV treatment. The green line represents 
the theoretical expected values for the NP-diameter with a successful coating and the 
gray dashed line shows the expected values under no variation of the NP-diameter. 
The proximity between a data point and the green line describes the success of the 
coating process, including the reduction of the diameter by the expected value of
. nm9 6 . The inset in Figure 4.5 shows the distribution of the NP-diameter reduction 
in subdivisions of nm2  width. For six experiments no significant reduction occurred, 
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whereas 13 experiments exhibited a successful reduction in the range of . nm7 6 to
. nm11 6 . Interestingly, the most measured reductions were smaller than the expec-
ted value. This behavior indicates that the probability for an incompletely lipid bilayer 
coating is higher than for the formation of multiple lipid bilayer sheets. 
In summary, one third of all coating attempts resulted in successfully surface modi-
fied silicon nitride membranes, which are suitable to be used for OT controlled DNA 
threading experiments.
Alternative size determination by imaging
Utilization of the ionic current for monitoring and determining of the pore size – in 
contrast to other methods like Atomic Force Microscopy (AFM) or Helium-Ion Micro-
scopy (HIM) – was much faster and less invasive to the silicon nitride membrane and 
the NP. Nevertheless, it was important to verify the apparent size based on these 
imaging techniques. This additional information can be used to adjust and calibrate 
the NP drilling process itself. In cooperation with Dr. André Spiering and Dipl.Ing. 
Christoph Pelargus  the process of drilling the NPs into solid-state membranes was 
characterized and optimized.
Figure 4.6 shows three examples of drilled NPs imaged with HIM. In image A, three 
drilled pores with different diameters are clearly visible, whereas the NP in image B 
has an approximated diameter of nm60 . Image C illustrates a writing, demonstrating 
the accuracy and possibilities of the drilling process by HIM.  Imaging of each drilled 
Figure 4.5
Diagram which visualizes the 
success and failure of a lipid 
bilayer-coating process. The 
NP-diameter before coating is 
plotted against the diameter 
after coating for 38 independent 
experiments. The green line 
represents the theoretically 
perfect NP-diameter with a 
complete lipid bilayer-coating 
and the grey dashed line the 
NP-Ø without any coating. 
The inset histogram shows the 
distribution of all measurements 
classified  by their reduction in 
NP-diameter. 
[Parameters: NP-Ø calculations 
with current values obtained at 
100 mV and with 2M KCL and 2 
mM Tris/HCL at pH 8]
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Figure 4.6
Helium ion microscopy images 
of drilled nanopores and an 
exemplary lettering. The NP in 
the middle has an approximate 
diameter of 60 nm.
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pore by HIM was not advantageous and feasible, due to invasive manipulation of the 
silicon nitride material. The high energy required for a sufficient contrast during ima-
ging can cause uncontrolled swelling of such thin silicon-nitride membranes or 
shrinking and clogging of the drilled NP. Additionally, some imaging experiments 
revealed trace amounts of unknown material (possibly carbons or residual of the 
silicon nitride membrane within the vacuum chamber) deposited in the neighboring 
region of the NP, by which further experiments with these NPs were no longer feasi-
ble[130]. However, it was possible to get a first approximation of the NP size, since it 
was directly linked to exposure time of the ion beam (maintaining other beam pro-
perties like focus or intensity constant). 
In contrast to HIM, the second characterization method using AFM was much less 
invasive, but very time-consuming. Hence, this technique was only used to verify 
the obtained NP sizes by HIM (in dependence of the exposure time) and by the ionic 
current calculations. In Figure 4.7 a typical AFM scan with corresponding height pro-
file is presented. 
The NP can be clearly identified by the dark spot in the middle of the scan, whereas 
the circumjacent square clearly illustrates the HIM imaging process by leaving this 
area . nm−0 3 1  thinner than before. The whole scan was performed on the freestan-
ding silicon nitride membrane. Based on a height profile plot, this particular NP 
exhibits an elliptical form and a size of approximately x nm20 30 .
Ionic current to voltage characteristics
In summary, the most effective and efficient way to determine the NP diameter was 
the indirect method via measuring the ionic current in combination with previous 
performed calibration experiments by AFM and HIM. Despite determining the NP size, 
it was also important to characterize the electric behavior of the sample chamber with 
integrated NP chips by using different electrolyte concentrations and applying trans-
membrane voltages in the range from mV−150  to mV+150 . Varying the electrolyte 
concentration was necessary due to the coating process by SUVs (as described in 
3.3.1). In the left diagram in Figure 4.8, the decreasing current after the lipid bilayer 
coating is visible. The current was reduced from nA50  (uncoated NP) to nA30  (coa-
ted NP), measured under the same experimental conditions (applied voltage 100 mV 
and buffer concentration M2  KCL). After checking if the reduction in ionic current 
matched to the expected reduction in NP diameter, the electrolyte was exchanged 
with mM20  KCL solution. The characteristic current-voltage curve at this low ionic 
Figure 4.7
Atomic force microscopy measu-
rement of a NP drilled (and also 
imaged before) by HIM.
 Left: AFM scan of the silicon 
nitride membrane, the dark spot 
corresponds to the NP. 
Right: Height profile line scan.
(Image shown with courtesy of 
Dr. André Spiering[130]).
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concentration is shown in Figure 4.8 on the right, exhibiting the expected linear beha-
vior in the range from mV−100  to mV+100 . Some discrepancy can only be observed 
at higher negative voltages. This effect confirms the assumption that subsequent 
DNA-threading experiments should be conducted at lower voltages (usually mV50 ) 
in order to avoid variations or damage of the lipid bilayer coating.
This preliminary work (characterization of the NP-diameter and verification of the 
existence of a lipid bilayer coating) was the basis for performing DNA-threading 
experiments.
4.1.2 DNA-Threading Experiments with Lipid-Coated Nanopores
For easier classification of the results gained by experiments with coated NPs, Figure 
4.9 shows a typical threading force acting on a double stranded DNA, which was 
located within an uncoated NP with nm42  in diameter. The electrostatic force was 
detected by optical tweezers video microscopy (for Details see chapter 2.3).
During the increase of the vertical z-distance between microbead and nanopore at a 
constant applied voltage of mV50 , a constant force of pN8  was detected until the 
DNA strand was completely pulled out of the NP and the force dropped back to pN0 . 
The observable length of the DNA ( . µm16 1 ) as very close to the contour length of the 
Figure 4.8
Left: IU-curves for different buf-
fer concentrations and voltages. 
[Parameters: NP-Ø = 40.6 nm 
(uncoated); NP-Ø = 31 nm 
(coated)] 
Right: IU-curve using the same 
chip with the lipid bilayer-coated 
NP. 
[Parameters: buffer: 20 mM KCL 
and 2 mM Tris/HCL at pH 8] 
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Figure 4.9
Threading force – z-distance 
curve for a 16 µm long dsDNA 
fragment. 
[Parameters: NP-Ø = 42 nm; 
applied Voltage 50 mV; buffer 
20 mM KCL and 2 mM Tris/HCL 
at pH 8]
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used λ-DNA ( . µm16 4 ). As such, it was possible to exclude varying hydrodynamic 
forces that acts on the microbead including the portion of dsDNA stretching between 
bead and nanopore. Furthermore, the DNA threading force did not fluctuate by more 
than 10 % while moving the microbead towards the NP up to a distance of µm−2 3 . 
This indicated that the trapping laser had a negligible thermal influence on the threa-
ding force[182]. This DNA threading experiment was repeated several times for various 
applied voltages and different NP diameters (these results are shown at the end of 
this section). The voltage variations exhibited an approximately linear dependence of 
the measured force on the applied voltage over a range from mV20  to mV100 . The 
additional finding of considerably larger forces, observed for NPs with a diameter 
smaller than nm10 , will also be discussed later.
In order to examine how an altered NP surface charge influences the threading force, 
a lipid bilayer coated nanopore (before coating: diameter of . nm40 6 ; after coating: 
diameter of nm31 ) was used. The threading of a single dsDNA strand through this 
surface modified nanopore was feasible and the obtained translocation is shown in 
Figure 4.10. A DNA threading force of approximately pN16  was measured and this 
value kept constant, on average, while pulling the complete DNA strand out again 
calculated contour length . µm15 1 ). This experiment was performed under the same 
salt and pH conditions and applied voltage as was used for the uncoated pores. The 
obtained force value was significantly higher than for comparable NPs without 
coating. 
The reduction of the pore diameter due to the coating ( . nm9 6  for POPC bilayers) can 
only partially account for the strong increase in force. The diameter reduction resul-
ted in a NP diameter of about nm31  and such a variation in NP size would usually only 
account for a slight rise in measured threading force. This leads to the conclusion that 
this large force can primarily be attributed to a significant reduction of the electro 
osmotic flow (EOF, see section 2.6 for more details) through the pore. The EOF - basi-
cally caused by the negatively charged silicon nitride NP wall- seems to be suppressed 
by the electrical neutral lipid bilayer coating above. This smaller EOF in turn induced 
Figure 4.10
Measured dsDNA threading force 
induced by the electric field 
for a lipid bilayer-coated SiNX-
membrane. Coating prepared 
by formation of SUVs. As the 
z-distance between bead and 
membrane was continuously 
increased, the force remained 
constant until it instantaneously 
droped to zero when the DNA 
was completely pulled out of 
the pore. The Force of 16 pN 
is significantly higher than for 
an uncoated pore under equal 
conditions. 
[Parameters: NP-Ø = 40.6 nm 
(uncoated); NP-Ø = 31 nm 
(with coating); applied Voltage: 
50 mV; buffer: 20 mM KCL and 
2 mM Tris/HCL at pH 8]
0 2 4 6 8 10 12 14 16 18 20
-4
0
4
8
12
16
20
24
Fo
rc
e 
[p
N
]
Distance [µm]
Results and Discussion 59
an increase of the total threading force. More experiments with NPs and varying dia-
meters were performed; two further examples are depicted in Figure 4.11. A force 
distance plot is presented for two different NPs with diameters of nm43 and nm37  
(after coating). Both exhibit a significant increase in threading force of about pN11  
and pN13 , respectively, compared to NPs with the same size, but without coating. 
The lipid bilayer of the pN13  measurement was not performed by the SUV coating 
process, but by using giant unilamellar vesicles (GUVs). More details about this pro-
cedure and the associated experiment are presented in chapter 4.2.2.
Interestingly, the measured force magnitude is not 50 % larger as would be predic-
ted for an uncharged NP wall[47,190], but was instead 80 % larger (considering all 8 
successful threading experiments with coated NPs). An explanation of how this result 
can be theoretically described will be discussed at the end of this chapter.
As noted earlier, the force exhibited an approximately linear dependence of the 
applied voltage, which is shown in Figure 4.12 for two coated NPs and three uncoated 
NPs with diameters in ranging between mV50 and mV100 . The measured force did 
not fluctuate by more than 15 % during time or when approaching or retracting the 
microbead from the pore[182,232]. 
Furthermore, this linear dependence confirms the assumption that the higher threa-
ding force for coated NPs (and thus the coating itself) is not appreciably influenced 
by the applied voltages up to mV100 [182]. During all DNA-threading experiments pre-
Figure 4.11
dsDNA force – z-distance curves 
for lipid bilayer-coated NPs.
[Parameters Left: NP-Ø = 52.6 
nm (uncoated); NP-Ø = 43 nm 
(with coating); Right: NP-Ø = 
46.6 nm (uncoated); NP-Ø = 
37 nm (with coating); applied 
Voltage and buffer as before]
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Figure 4.12
Relationship between threading 
force and applied voltage at 
constant z-distance for coated 
and uncoated NPs with different 
diameters.  
[Parameters: buffer: 20 mM KCL 
and 2 mM Tris/HCL at pH 8]
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sented herin, the ionic current signal exhibited no significant drop at the moment the 
DNA was completely pulled out of the NP (force drops down to zero), for both lipid 
coated and uncoated NPs.
As described in chapter 2.6, the total force acting on dsDNA inside a NP was signifi-
cantly lowered by the hydrodynamic coupling of the EOF pointing in the opposite 
direction of the electrostatic force. This phenomenon lead to a strong reduction of the 
measured threading force[233]. Due to the fact that the EOF not only induces a drag 
force on the dsDNA, but also on the uncharged NP wall, the interplay between both 
drag forces lead to a gradually decreasing EOF (thereby increasing the total force) 
with decreasing NP diameter[182,233]. In addition to this general dependence of threa-
ding force and NP diameter, it was observed that for NPs with a diameter smaller than
nm10  the measured force considerably rose[182,232]. 
For qualitative comparison of the relationship between the measured threading force 
and the NP diameter, all data including results with lipid bilayer coated and uncoated 
NPs, are plotted in one diagram (see Figure 4.13). 
According to the following description of these experimental results, a detailed dis-
cussion and theoretical interpretation of the respective findings is presented1. The 
blue data points, showing the results for uncoated silicon nitride membranes with 
varying thickness in a range between nm10  and nm50 , prove that the threading 
force is independent of the respective thickness[182,232]. Furthermore, the values for 
NPs with a diameter below nm10  are considerably larger than experiments using NPs 
1  All theoretical descriptions, simulations und interpretations are developed by Andreas J. Meyer 
and Peter Reimann from the Condensed Matter Theory Group at Bielefeld University in close coope-
ration. In addition the simulations are supported by the Paderborn Center for Parallel Computing.
Figure 4.13
Dependence of the dsDNA 
threading force on the NP dia-
meters of uncoated pores (blue 
symbols) and lipid bilayer-coa-
ted pores (green symbols). The 
theoretical model for an uncoa-
ted NP (black line) fits best to 
the experimental data when the 
silicon-nitride membrane has a 
negative surface charge density 
of σm = -60 mC/m² and by 
introducing a hydrodynamic slip 
effect on the DNA surface with 
lslip = 0.5 nm (see text for more 
details). 
The significant increase of the 
threading force for coated NPs 
can also be described by the 
theoretical model for coated NPs 
(green line) including a DNA slip 
length of 0.5 nm and a neutral 
surface charge density of 
σm = 0 mC/m² of the bilayer. 
[Parameters: applied Voltage: 
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of comparable size formed either in a nm20  thin silicon nitride membrane (that was 
additionally thermally oxidized before use)[48] or in a nm60  thick SiO2/SiNX/SiO2 mem-
brane[47]. In comparison to a bare silicon nitride NP wall, the SiO2 layer hypothetically 
leads to a stronger EOF. Moreover, the manufacturing process of the NP could play an 
important part in creating the surface charge of the NP wall. One could also expect 
that the ablation ratio between silicon and nitrogen atoms could vary, based on the 
use of a helium ion beam (as used in this experiments) in contrast to an electron 
beam, which would influence the surface charge and consequently the EOF[182]. Van 
Dorp et al. and Ghosal et al. already published theoretical expressions[47,190] for the 
total force acting on a dsDNA molecule inside a NP taking into account the depen-
dency of the pore size. The finding that estimated experimental forces were 50 % 
smaller than the predicted values can be explained by the insufficient assumption of 
an electrically neutral surface of the NP wall. To solve this discrepancy a negative 
charge on the NP wall surface can be introduced[47,50,190], providing an additional com-
ponent to the EOF, and thus a reduction of the predictable threading force.
The experimental results for lipid bilayer coated nanopores (the green data points in 
Figure 4.13), allow the possibility to test how a modified NP surface charge affects 
the EOF and the measured threading force. It is clearly visible that the observed force 
for all eight coated NPs is significantly higher compared to NPs with the same diame-
ter, but without coating. As described previously, this increase can only partially be 
attributed to the reduction of the NP diameter due to the coating. Such a variation in 
NP size (~ nm10  smaller diameter) would only account for a small increase of the 
measured force. Therefore, it can be proposed that the enhanced force values are 
attributed to a significant reduction of the EOF through the NP. This reduction is 
caused by the electrically neutral lipid bilayer coating, suppressing the negative sili-
con nitride surface charge of the NP wall[182,232].
For explanation of these experimental results by means of the electrohydrodynamic 
theory described in chapter 2.6.2, first the lipid-coated pores are examined. Between 
this lipid bilayer and the solid-state membrane material persists a nm−1 2  thick fluid 
water layer containing ions[51,230], which lead to a strong shielding from the charge of 
the solid-state membrane (Debye screening). The resulting effective surface charge 
of the coated membrane is estimated to be insignificant, because the lipid bilayer 
itself does not exhibit any notable surface charge. From this assumption and setting
mσ = 0 follows the conclusion that this model consistently undervalues the experimen-
tally observed forces, when adopting no-slip boundary conditions for the rod-shaped 
particle modeling the dsDNA (i.e. for slipl nm= 0 )[182]. Variance of other parameters like 
pore shapes, membrane thicknesses as well as particle and membrane permittivity 
(within experimentally realistic limits) is not sufficient to explain the experimental 
findings. Presuming an effective reduction of the DNA charge[191,197,200,234], this only 
enhances the discrepancy between theory and experiment. Another possible influ-
ence on the measured threading force may involve the axial DNA position within the 
NP. The simulation of force variation when the particle (a rod modelling the DNA) axis 
is permitted to deviate from the pore axis requires a full 3-dimensional numerical 
solution[182]. Much smaller reservoirs and rods have to be used in comparison with the 
axialsymmetric case. The resulting force variations differ minimally by changing the 
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distance between particle and pore axis[182]. Stronger variations using longer rods and 
larger reservoirs are not expected[199].
Another circumstance that has to be regarded is the oversimplification of the com-
mon homogeneous rod model[47,196,197,199], which neglects some important structural 
properties of the experimentally used dsDNA. The phosphate groups of the DNA 
backbone are negatively charged and as such hydrophilic, whereas the nucleobases 
inside the grooves of the double helix are hydrophobic. These hydrophobic surfaces 
are known to give rise to significant hydrodynamic slip effects[212], which seem to 
persist even in the presence of a nanoscopic substructure of alternating hydrophobic 
and hydrophilic domains. Therefore, a finite slip leng slipl  that the DNA-particle surface 
is introduced. The green line in Figure 4.13 demonstrates that choosing a slip length 
of . nm0 5  leads to a good agreement of quantitatively describing the experimental 
findings for lipid bilayer coated NPs[182]. Moreover, the best fit .slipl nm= 0 5  agrees very 
well with the slip length deducible e.g. from Figure 2 in the work of Kesselheim et 
al.[207]. Additionally, incorporating the detailed DNA structure of recent atomistic 
molecular dynamic simulations confirmed that non-zero fluid velocities are expected 
to appear along the DNA backbone[200,207]. 
This successful theoretic model for lipid bilayer coated NPs can partially be adopted 
for uncoated NPs because the slip length ( . nm0 5 ) is a property of the DNA model and 
as such, must remain unaffected[182]. However, a crucial difference compared to the 
coated membranes is the surface charge density mσ , which is negative in the case of 
silicon nitride membrane and NP walls. Under experimental conditions mσ  can typically 
be estimated to be in the range between −15 and mC m− 260  as described in the 
literature[191–195]. Consequently, selecting mσ  as a fit parameter the black line in Figure 
4.13 depicts our best fit to the experimental results leading to a surface charge den-
sity of m mC mσ = −
260 . Additionally, it could be verified that reasonable modifications 
of membrane thickness, pore shape, and DNA and membrane permittivities only vary 
this fit by a few percent[182].
It has to be noted that in all theoretical results described here the well-established 
approximations D m sec−± = ⋅
9 22 10  for the K + and Cl − diffusion coefficients D± are uti-
lized[235]. The variation of D± in a range between . . m sec
−− ⋅ 9 21 5 2 5 10  is noteworthy 
and leads to resulting fit curves that still remain indistinguishable from those in 
Figure 4.13. The concentration of the ion bulk c0 is set to the experimental condition 
c mM=0 20 . Possible variations in the expected threading force persist below 5 % 
using other c0 values between mM10  and mM50 . This is in good agreement with the 
values published by van Dorp et al.[47].
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4.2 Pore-Spanning Freestanding Lipid Bilayer Membranes
The NPs described so far are artificial solid-state nanopores with a thin silicon nitride 
membrane. These NPs – with or without a lipid bilayer coating – exhibit a certain 
limitation. Even though it is possible to vary the NP diameter by using lipid bilayer 
coatings (with different thickness[51]) this way of variation is limited by the pore 
manufacturing process and the type of lipids used. Furthermore, the explicit shape 
and surface charge of the NP and the surrounding region cannot be predicted with 
the highest accuracy and are difficult to reproduce. Given the lack of critical impro-
vements in the pore manufacturing process (e.g. using HIM), an alternative type of 
nanopore will be investigated. A very promising approach and actually hot topic in 
the field of nanopore research is the study of biological pore-forming proteins. In 
contrast to solid-state NPs, biological pores - like α-hemolysin - feature a well-known 
structure and thus offer a system with precise and predictable dimensions of the pore 
channel. Furthermore, the biological pores are promising for modification by means 
of genetic engineering. In general, there are two ways to incorporate such a biopore. 
The most common strategy is to embed the pore-forming protein in a lipid bilayer 
membrane[146,236–238] that mimics the natural surroundings (hydrophilic and hydropho-
bic regions) of the biopore (for more details see chapter 2.1.2). A different approach 
is the directed insertion of such a biopore into a solid-state nanopore (without any 
lipid bilayer) supported by a dsDNA-strand that is attached to the protein pore[239]. 
In this work three different methods were investigated for producing freestanding 
and stable lipid bilayer membranes, which are suitable for both biopore incorporation 
and later optical tweezers measurements. Besides these three methods, the so-
called painting technique[223] was also tested for bilayer formation (also known as 
black lipid membranes). This method did not work as expected with the available 
silicon nitride chips and is not presented in this thesis. Also, the development of this 
method by Montal and Müller[224] cannot directly be adapted, because of limitations in 
the size and the geometry of the sample chamber. The limiting factor for experiments 
with the used OT setup, is the working distance of the objective lens, which permits 
a maximal distance between the bottom side of the sample chamber and the desired 
lipid bilayer membrane of approximately µm250 .
At first the results using the Langmuir-Blodget transfer technique are presented, 
followed by the results of the attempt to create lipid bilayers by bursting of giant 
unilamellar vesicles. At last, experiments with the commercial available Ionova-
tion Bilayer Slide with a thin teflon foil instead of a silicon nitride membrane are 
introduced.
4.2.1 Langmuir-Blodgett Monolayer Transfer
With the Langmuir-Blodgett (LB) technique it is possible to generate and characterize 
single-molecule thin films (monolayers) with highest control over the packing density 
of the used molecules, in this case phospholipids[240]. By utilizing a Langmuir Blodgett 
trough, it is feasible to transfer these lipid monolayers onto solid substrates[241]. This 
transfer of lipid monolayers was planned to generate a pore-spanning freestanding 
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lipid bilayer. Simon et al. demonstrated in a similar attempt, that such a deposition 
(using a silicon membrane with micrometer pores) is possible, in principle[242]. The 
envisioned transfer procedure is illustrated in Figure 4.14. Image I schematically 
shows the transfer process by dipping a pore containing silicon nitride chip vertically 
through a lipid monolayer. The chip was clamped in a holder (image A, B and C) and 
slowly moved down. As a result of a hydrophobic coating with silane the hydrophobic 
tails of the phospholipids were oriented towards the chip surface. After complete 
transfer of a monolayer (on both sides of the chip), a bilayer formation inside pores 
with diameters of µm3  to µm8  was expected (see Figure 4.14 II). 
Once the LB transfer was completed and the chip was fully submerged in the sub-
phase solution, the setup had to be changed (for more details see chapter 3.3.2). 
Thus, after removing the chip out of the trough it was placed in the sample chamber. 
This step is crucial, because in first studies it was observed that the lipid bilayer 
membrane will be damaged as soon as it gets in to contact with air. As such, a small 
container was constructed to extract the chip out of the subphase (see Figure 4.14 
D). Afterwards, the chip was transported to a bigger container filled with buffer and 
subsequently the sample chamber was assembled underwater. With this procedure 
the lipid bilayer is always surrounded by an aqueous subphase instead of air. Further-
more, the assembly the chip can be investigated by optical tweezers microscopy and 
the ability of α-hemolysin incorporation can be proven.
Isotherm monitoring and LB monolayer transfer
Prior to each monolayer transfer, a pressure-area isotherm was recorded to verify 
that the lipids were in good condition. In Figure 4.15 a representative isotherm is 
shown. While compressing the monolayer on the water surface, it undergoes several 
phase transformations (gaseous state, followed by the liquid state and condensed 
phase). At the end of the condensed phase, the so-called collapse occurs, here at 
surface pressure of Col mN mπ = 47 . The pressure is plotted against the trough area 
(not against the monomolecular area) because a lipid mixture containing 
DOPC:DOPS:Cholesterol (7:2:1) was used1. The transfer of such an interfacial film 
was executed by the vertical LB film deposition procedure pictured in Figure 4.14. 
The monolayer was deposited at a surface pressure of mN m37 , after min10  relaxa-
tion time via dipping (speed: mm min1 ) of the chip through the air-water interface. 
1  The monomolecular area can only be calculated if one lipid is utilized (or mixtures of lipids with 
nearly the same molecular mass and cross-sectional area)
Figure 4.14
Langmuir Blodgett transfer. 
Photographs of the dipping 
process (A and B), the silicon 
nitride microchip (C) and 
the small chip carrying 
container (D). 
The sketches illustrate schema-
tically the transfer process by 
dipping (I) and the desired final 
bilayer formation within 
the pore (II).
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This value of surface pressure was chosen because it refers to the condensed phase 
and corresponds also to the lateral pressure reported for biological bilayers[242,243] and 
is clearly under the collapse pressure. 
The diagram in Figure 4.16 shows a typical transfer experiment. While the surface 
pressure was kept constant at . mN m36 9  and the chip was dipped through the 
monolayer, the LB trough area linearly decreased from . cm2134 8  to . cm2134 2 . The 
quality of such a LB film can be estimated by controlling the transfer ratio RT .  This 
value describes the ratio between the removed lipid film area and the theoretical 
available substrate area[242]. In this experiment RT  was found to be approximately 1.1. 
This value is close to the ratio of 1 and indicates that the deposition of a complete 
monolayer onto the microchip succeeded. Additionally, it was observed that RT  and the 
quality of the LB film depends on the temperature, cleanliness of the subphase and 
of the microchip. The dipping speed (in a range between mm min−1 5 ) had - as 
reported in the literature[244] - no significant influence on RT .
Once the monolayer deposition was finished, the excess lipids on the air-water inter-
face were withdrawn by suction. Afterwards the microchip was extracted from the 
subphase by using the small container (Figure 4.14 D) without leaving the liquid 
surrounding. 
Subsequent to the final underwater assembly of the sample chamber, it was mounted 
in the optical tweezers setup and electrically connected. In this experiment the resis-
tance was approximately MΩ500 . Taking all LB film transfers into account, the 
resistance for a successful attempt was about M− Ω100 500 . In comparison, extre-
mely low resistances (kΩ-range) for a damaged bilayer or an unmodified microchip 
Figure 4.15
Pressure-area isotherm of a 
DOPC:DOPS:Cholesterol (7:2:1) 
monolayer. 
[Parameters: subphase: 100 
mM NaCl, 5 mM Hepes, 10 mM 
CaCl2, pH 7; 25 °C]
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Figure 4.16
Diagram showing the decrease 
of the LB trough area depending 
on the time, during deposition 
of a monolayer by dipping at 
constant surface pressure.
[Parameters: lipid mixture: 
DOPC:DOPS:Cholesterol 
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were observed. Therefore, resistance in the referred experiment indicate that the LB 
deposition succeeded in forming a freestanding lipid bilayer in the micropore. In the 
next step microbeads were flushed into the bottom channel of the sample chamber 
to verify the stability of the lipid membrane. In Figure 4.17 four micrographs with 
corresponding schematics illustrate the interplay of an OT trapped microbead with 
the LB deposited freestanding lipid bilayer membrane. Because of a not perfect align-
ment of the focal plane of the trapping laser and the objective in this experiment, the 
trapped microbead was slightly out of focus (see gray dashed lines). The microbead 
was moved from the left side of the micropore to below it (see image I and II) and 
then pulled in a vertical direction through the pore. During this vertical movement the 
bead was hindered because it was not possible to pull it through the micropore. Sub-
sequently, the bead changed its vertical position from the laser focus plane to the 
objective focus plane (see image III). Given the axial position of the bead and the 
feasibility to move the bead from its position to the right side beside the pore, the 
likelihood of the bead sticking to the pore rim can be excluded (image IV). 
This behavior could be repeated in many experiments. Hence, the source of hindering 
seems to be a stable freestanding lipid bilayer membrane. It is worth noting that in 
experiments with silicon nitride chips without LB transfer it was possible to pull a 
microbead through the micropore without hindrance. 
Additionally, the inset in image III shows the micropore with the LB film without the 
bead in front. The annulus of the freestanding part of the lipid bilayer membrane is 
also visible. These LB films were stable for hours ( h4  to h36 ) without breaking or 
significant change in the resistance. The stability of the bilayer membrane during 
stress induced by the microbead appears to be realistic as well. The holding force in 
z-direction (parallel to the pore axis) applied by OT is about pN40 . Mey et al. publis-
hed in 2008 that freestanding bilayers (pore diameter . µm1 2 ) are stable up to 
rupture forces of pN25  measured by AFM[245].
Air bubble interference
Even though this preparatory work worked well, the envisioned α-hemolysin incor-
poration could be never observed. In fact it was possible to observe an irregularity 
during the dipping process, which is schematically illustrated in Figure 4.18. Thus, 
the quality of the LB deposition was suspect and the transfer process was investiga-
ted again with highest attention.
Due to the small size of the silicon window ( .x x mm2 2 0 2 ) and the surface tension 
Figure 4.17
Micrographs and schematics of 
the micropore (diameter 7 µm) 
after LB film deposition and 
its interplay with a microbead 
(diameter 3 µm). In image III 
it is visible that the microbead 
is physically hindered from 
passing through the micropore 
(see “Movie 4.1 LB-Bead above 
Micropore” at the attached CD). 
The inset shows the annulus of 
the lipid bilayer membrane.
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the monolayer did not come into contact with the inner area of the window. There-
fore, no monolayer was transferred to the “window-side” of the silicon nitride 
membrane leaving an air bubble inside the window instead. This air bubble was not 
detected by microscopy, because its surface towards the liquid was parallel to the 
silicon nitride membrane, avoiding any interference effects (which are usually visible 
due to the curvature and varying refraction indices).
In previous studies the presence of an air bubble, located directly above a pore and 
thereby closing it, resulted in a very high GΩ seal. However, in the actual experiments 
a resistance in the MΩ range was always observed. The reason for this can be prima-
rily attributed to the underwater mounting process of the sample chamber leading to 
a slightly leaking chamber. Based on these findings, the micrographs in Figure 4.17 
have to be reinterpreted. It appears that the microbead was not pulled against a 
bilayer but against a monolayer at the buffer air interface. This would also explain 
why an incorporation of α-hemolysin was never observed.
Further modifications of the silanization process, variations of the dipping angle 
and an upgraded mounting procedure did not improve the LB transfer. Overall the 
Langmuir Blodgett transfer is not the ideal method (at least with the parameters 
presented here) to generate freestanding lipid bilayers that are accessible for OT 
measurements. In the next chapter 4.2.2 an alternative method will be presented 
that utilizes giant unilamellar vesicles.
Figure 4.18
Schematic illustration of 
trapping an air bubble inside 
the window volume during the 
dipping process. 
This effect avoids the formation 
of a lipid bilayer within the pore 
region and prevents the biopore 
incorporation.
68
4.2.2 Bursting of Giant Unilamellar Vesicles
Giant unilamellar vesicles (GUVs) are prepared with a defined lipid composition and 
are filled with sucrose, giving them a higher density and allowing them to sink down 
in the used buffer solutions. In the experiment, a small amount of GUV solution was 
added to the buffer in the top compartment of the sample chamber. After filling, 
the GUVs sank down within seconds and ruptured on the silicon nitride surface as 
illustrated in Figure 4.19. If the vesicle fusion and rupture takes place at the middle 
region of the membrane, where the NP is located, it forms a freestanding lipid bilayer 
membrane covering the solid-state pore.
A transmembrane voltage was applied to verify that the NP was completely covered 
with a lipid bilayer and not leaking. The ionic current during this process was obser-
ved and recorded simultaneously with imaging by fluorescence video microscopy. A 
distinct drop in the current signal close to zero pA in conjunction with an optical moni-
tored bursting event, was characteristic for a successful lipid bilayer formation. If the 
determination of the ionic current to applied voltage characteristics yielded a GΩ seal, 
one can take the existence of a freestanding lipid bilayer for granted. Once a bilayer 
was formed, α-hemolysin could be incorporated and ssDNA translocation events 
could be recorded.
Experimental conditions for GUV sinking and rupture
To successfully perform the above described experiment, it was crucial to understand 
under which conditions the GUVs would rupture properly. For this purpose the pro-
perties of the surface and the surrounding buffer were important as well as the lipid 
mixture and the concentration of the sucrose inside the GUVs. Initially the size and 
the shape of GUVs were prepared by the established electroformation technique (see 
Figure 4.19
Schematic sketch of a GUV 
sinking and bursting process. In 
the upper part one can see the 
giant unilamellar vesicles sin-
king down to the silicon nitride 
membrane. 
For better sinking properties the 
GUVs are filled with sucrose. 
The GUVs burst after coming 
into contact with the very 
hydrophilic surface resulting in a 
freestanding lipid bilayer memb-
rane covering the NP. 
To verify if the NP was sealed by 
a bilayer, the transmembrane 
current was monitored while a 
constant voltage was applied. 
Afterwards, α-hemolysin was 
incorporated into the bilayer 
and ssDNA translocation experi-
ments were performed.
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chapter 3.3.3 for more details) and monitored via fluorescence microscopy. The GUVs 
shown in Figure 4.20 fabricated with common electroformation parameters as, for 
instance, described in the work of Heinemann et al.[246]. The first lipid mixture con-
sists of DOPC:DOPG:Rhod-DOPE (99:0.995:0.005 mol%) filled with a mM300  
sucrose solution. In Figure 4.20 A and D, freshly generated GUVs with a size of 
approximately µm5  to µm20  were visible. In contrast, the vesicles noticeable in 
Figure 4.20 B and C were two days old and smaller than vesicles within the fresh GUV 
solution. Additionally, fewer vesicles were observed. Many of these small vesicles can 
be seen in the first three images. This appears unfavorable, because only vesicles 
with a size of µm10  are useable for bursting experiments. However, testing the sin-
king properties using the sample chamber with an embedded silicon nitride chip 
(Figure 4.20 D), showed that bigger vesicles sank down to the membrane much fas-
ter than the smaller GUVs. Hence, the presence of smaller GUVs in the vesicle 
solution is a negligible side effect.
Different lipid mixtures and various concentrations of sucrose were tested in tandem 
to the experiments for characterizing size and shape of the GUVs. For lipid mixtures, 
various compositions of DOPC, DOPG and Rhod-DOPE were prepared, as well as 
additional mixtures that contained DPhPC, DOPS or Cholesterol. The resulting quality 
in size and shape did not considerably change compared to the composition used 
initially. Therefore, the mixture of DOPC:DOPG:Rhod-DOPE was selected to test dif-
ferent sucrose concentrations. Figure 4.21 shows attempts with 100, 200 and
mM500  sucrose. GUVs filled with mM100  sucrose exhibit multiple vesicle structures 
(Figure 4.21 A) and bursting experiments on a silicon nitride membrane with this 
filling did not work (Figure 4.21 D). A high concentration of mM500  sucrose led to 
some cloudlike phases with a high density of small vesicles (Figure 4.21 B). Thus, this 
Figure 4.20
Fluorescence microscopy images 
of GUVs for controlling size and 
shape of the vesicles. Images 
A and D show freshly produced 
GUVs, whereas for images B and 
C a two day old vesicle solution 
was used. 
In contrast to the first three 
images (big droplets of GUV 
solution on a glassslide), the 
fourth image was taken through 
a silicon nitride window.
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
GUV sucrose concentration: 
300 mM; buffer: 20mM KCL 
and 2 mM Tris/HCL at pH 8]
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concentration could be set aside for the purpose of this work. The resulting GUVs 
prepared with mM200  sucrose are in general comparable with those filled with
mM300 , but nevertheless, the amount of GUVs with a diameter of more than µm10  
was much lower and the most vesicles had a size of proximately µm1  (Figure 4.21 
C). In conclusion, the first lipid mixture (with a filling of mM300  sucrose) led to most 
promising GUVs.
As indicated in Figure 4.20 D, the first GUV fusion and rupture experiments on silicon 
nitride membranes did not come to frution, although the GUVs did sink down and 
come into contact with the (unmodified) membrane surface. This case is also illustra-
ted in Figure 4.22, but here the surface was modified by a covalent functionalization 
with the silane TDTS, following the work of Heinemann et al.[246]. 
The latter authors describe that vesicle fusion and bursting on a surface depend on 
the interplay between the lipid headgroups and the respective surface[246,247]. A sur-
face with high charge density is mandatory to enhance the vesicle fusion, rupture and 
Figure 4.21
Fluorescence microscopy images 
of GUV solutions prepared 
with different concentrations 
of sucrose. Images A, B and 
C were selected to show the 
quality of the respective GUV 
solution. Image D pictures the 
failed attempt to let this multi-
ple vesicle structures burst on a 
silicon nitride surface.
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
GUV sucrose concentration: 
A = 100 mM ; B = 500 mM; 
C = 200 mM; D = 100 mM; 
buffer: 20mM KCL and 2 mM 
Tris/HCL at pH 8] 
Figure 4.22
First rupture attempts on sila-
nized silicon-nitride chips. The 
fluorescence micrographs show 
GUVs lying on top of the mem-
brane. Over a long time period 
the vesicles did not burst. 
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
GUV sucrose concentration: 
300 mM; buffer: 20mM KCL 
and 2 mM Tris/HCL at pH 8]
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burst process[101,246]. The first tests with silanized silicon nitride membranes also led 
to no burst events, although very big and nicely shaped GUVs (approx. µm−25 35  
in diameter) did contact with membrane (see Figure 4.22 A and B). These experi-
ments were repeated several times and the GUVs were also observed over a long 
period of time (up to h2 ). Varying the composition of the lipid mixture or applying 
transmembrane voltages did not lead to successful vesicle bursting events.
In order to determine ideal experimental conditions and parameters for vesicle 
fusion, different surface materials and buffer solutions were investigated. In Figure 
4.23, six examples for successful rupture attempts are shown. The GUVs that burst 
on unfunctionalized mika, as well as on glass and silicon nitride surfaces, which are 
treated with a hot piranha solution (see section 3.3.3 for more details), were obser-
ved. In these experiments a small droplet ( µl−2 5 ) of the GUV solution was added 
to a reservoir filled with different buffer solutions. It was also interesting that the 
GUVs ruptured in low and high salt concentrations ( mM20  up to M2  KCl). Using pure 
MilliQ®-water instead of a KCL buffer, the vesicles did not rupture. As it is visible in all 
images of Figure 4.23, the bursting of vesicle resulted in a more or less roundly 
shaped patch on the respective surface. In some cases small vesicles remained on 
top of the formed lipid bilayer. This effect depended on the former quality of the 
GUVs, but it should not affect the stability or sealing characteristics of the freestan-
ding part of the lipid bilayer as long as these small vesicles are not lying directly on 
top of the nanopore region. Image D in Figure 4.23 also illustrates several ruptured 
GUVs (four in this case) fusing and forming a continuous bilayer. This could be advan-
tageous if a first GUV burst near the NP without sealing it properly, thus preserving 
the possibility for another vesicle to build the freestanding part of the bilayer by 
fusion.
Figure 4.23
Fluorescence microscopy images 
of GUVs ruptured on different 
surface materials and with vary-
ing solutions. The mika surface 
was used unfunctionalized, whe-
reas the glass or silicon nitride 
surface was made hydrophilic 
with piranha solution. 
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
A: glass & 2 M KCL
B: glass & 20 mM KCL 
C: mika & 20 mM KCL 
D: silicon nitride & 20 mM KCL 
E: silicon nitride & 150 mM KCL 
F: silicon nitride and 2 M KCL; 
every KCL solution contained 
also 2 mM Tris/HCL and had a 
pH of 8]
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Accurate NP sealing by GUV rupture
This experiment was successfully performed based on the preliminary characteri-
zation of the optimal lipid composition, sucrose and buffer concentration, as well 
as surface preparation (for establishing an effective generation of freestanding lipid 
bilayers by GUV rupture). The fluorescence microscopy images and corresponding 
schematic sketches in Figure 4.24 show an ideal sinking and bursting process. 
In this case a large GUV with a diameter of approximately µm45  required sec20  to 
sink down to the membrane once the vesicle solution was added to the top of the 
reservoir. The rupture process took place within sec3 , resulting in a continuous lipid 
bilayer covering nearly the whole surface area of the silicon nitride window. In images 
II and III the shape deformation (flattening) of the GUV is clearly observable, 
Figure 4.24
Schematic sketch of a GUV 
bursting process. In the upper 
image one can see the giant 
unilamellar vesicles sinking 
down to the silicon nitride mem-
brane. The GUVs were filled 
with sucrose for better sinking 
properties. The GUVs burst after 
lying down on the silicon nitride 
surface and some shape defor-
mation (see also the “Movie 4.2 
GUV sinking and NP sealing” at 
the attached CD).
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
GUV sucrose concentration: 
300 mM; buffer: 20mM KCL 
and 2 mM Tris/HCL at pH 8] 
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indicating that the rupture process itself was induced by the adhesion of the GUVs to 
the surface. The forces acting on the suspended membrane upon bursting were also 
lowered by this deformation effect, due to the fact that large membrane areas (of the 
intact GUV) were already attached to the silicon nitride support[246].
The sinking and bursting process was investigated by optical fluorescence micro-
scopy, as well as by simultaneously measuring the ionic current while a constant 
transmembrane voltage was applied. In Figure 4.25, four examples for successful 
sealing events by GUV rupture are presented. The moment of closing the NP, and 
thus hindering the ionic transport, can be clearly identified for each experiment and 
agrees strongly with the optical observation (see also “Movies 4.3 – 4.5” at the 
attached CD). 
Initial fluctuations in the ionic current signal appear to be due to small movements or 
jiggling of the electrodes during addition of the GUV-sucrose solution to the top 
reservoir of the sample chamber. The slight decrease in the current signal was caused 
by the added GUV solution. Due to the GUV fabrication protocol the vesicles were not 
only filled, but also solved in mM300  sucrose which is not perfectly soluble in water 
(without stirring), and thus replaced charge-carrying ions near the electrode. This 
effect could be observed repeatedly and clearly depended on the respective sucrose 
solution. A mM10  sucrose solution had no significant influence on the current signal, 
but was not suitable for proper sinking experiments.
Additional peaks in the first third of the time scale refer to closing the faraday cage 
by hand. This cage, as well as the patch-clamp amplifier are newly integrated into an 
already existing fluorescence microscopy setup (see chapter 3.2.2 and Figure 4.26). 
This cage reduced the noise of the ionic current signal by more than a factor of 10. 
Furthermore, a new software for recording and monitoring the current and voltage 
signals was implemented in LabView1.
1  This LabView program was coded by Dr. Lukas Bogunovic.
Figure 4.25
Ionic current versus time during 
GUV sinking and bursting 
processes. In all four diagrams 
a distinct drop in the current 
signal from about 1500 pA to 
nearly 0 pA is visible. The initial 
fluctuation and slight decrease 
of the ionic current before the 
drop was caused by adding the 
GUV-sucrose solution to the 
reservoir. 
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
GUV sucrose concentration: 
300 mM; applied Voltage: 
100mV; buffer: 20mM KCL 
and 2 mM Tris/HCL at pH 8]
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After a successful sealing event the ionic current was further monitored (at least
sec20  ) to assure that the freestanding bilayer was stable (compare Figure 4.25). 
This is important, because the sample chamber has to be moved from the fluores-
cence microscopy stage to the OT setup. 
The ideal handling of the electrode connection/disconnection is also crucial for the 
lifetime of the freestanding lipid bilayer. First attempts revealed that the bilayer 
would break if the glass capillary electrodes were not pulled out of the respective 
reservoir, before the patch-clamp amplifier was switched off (due to possible voltage 
peaks). This failure also occurred, if the voltage was not applied anymore. At the OT 
setup, first the patch-clamp amplifier had to be switched on before placing the elec-
trodes into the reservoirs. Then, a voltage was applied again to verify the intactness 
of the lipid bilayer membrane. Immediately after verification that the actual memb-
rane was undamaged, the ionic current was characterized for different applied 
voltages (IU-curve) from mV−100  to mV100 , always featuring the expected linear 
dependence. With this data, the resistance for each bilayer was calculated. The mem-
brane was considered suitable for further incorporation experiments with α-hemolysin 
when the resistance was within the appropriate GΩ range and exhibited a stable ionic 
current signal over a long period of time.
Figure 4.26
Photographs of the new faraday 
cage and patch-clamp amplifier 
integrated into the existing fluo-
rescence microscopy setup.
Figure 4.27
The top histogram illustrates 
the distribution of the measured 
resistances in the GΩ range. 
The bottom diagram shows that 
the height of the resistance was 
independent of both the sealed 
NP diameter and the concentra-
tion of KCL buffer.
[Parameters: every KCL solution 
contained also 2 mM Tris/HCL 
and had a pH of 8]
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More than twenty experiments succeeded in creating a stable freestanding lipid 
bilayer membrane, where a stable current signal after changing the setup and obser-
ving three-digit kΩ to GΩ sealing was measured. The top histogram in Figure 4.27 
shows the distribution of the measured resistances ranging from . GΩ0 2  to . GΩ5 5
(with a mean resistance of . GΩ2 2 ).The broad distribution was independent of both 
the diameter of the sealed solid-state nanopore and the used buffer concentration, 
which is visible in the bottom diagram of Figure 4.27.
Bilayer breakage effects and indirect coating by GUVs 
In case of a damaged freestanding lipid bilayer membrane after changing the setup 
or after recording an IU-curve, it was ocasionally observed that the region located to 
the NP was darker than before. This effect is visible in Figure 4.28 A. In addition to 
the dark spot in the middle the bilayer appeared to be “broken” in the upper left area 
of the former roundly shaped patch. This result could be an indication for a non-
uniform hydrophilic surface. A very similar observation is presented in image B and 
C (Figure 4.28); in this case the darker spots in the middle of the silicon-nitride win-
dow were formed immediately after rupture of several GUVs. The reason for this 
effect could be found by imaging these chips with AFM. So-called “nano-volcanoes” 
were discovered in direct proximity to the nanopore[130] and exhibited a height of 
approximately nm40 . They were caused by imaging the NP area with HIM after dril-
ling the pore (see AFM images and more information here[130]). 
Additionally intriguing results are illustrated in Figure 4.28 D. This image sequence 
show a GUV bursting and forming a big patch on the surface. Small dark spots emer-
ged and grew with time shortly afterwards. After approximately sec23  more than 
half of the former continuous lipid bilayer patch disappeared. The reason may be 
attributed to a non-uniformly modified silicon-nitride surface. Perhaps the membrane 
was not clean enough and some dirt particles influenced the lipid bilayer stability or 
this effect occured during NP drilling process by HIM. Even though this behavior was 
only observed once, it underlines again the importance of the preparation and treat-
ment of the silicon-nitride chip in order to establish a running lipid bilayer formation 
routine.
The destruction of a freestanding lipid bilayer membrane during voltage clamp mea-
surements is not in any case unfavorable as described in the previous paragraph. The 
Figure 4.28
A: destroyed lipid bilayer after 
setup change.
B and C: “nano-volcanoes” near 
the NPs disturb formation of the 
freestanding lipid bilayer. 
D: image sequence illustrating 
growing of dark spots, and thus 
eliminating the uniform bilayer. 
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
GUV sucrose concentration: 
300 mM; buffer: 20mM KCL 
and 2 mM Tris/HCL at pH 8]
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two diagrams in Figure 4.29 show both the desired sealing of a NP by GUV rupture 
and the breaking of the freestanding lipid bilayer membrane. The latter did not lead 
to a dark spot, but to a second lipid bilayer patch at the bottom side of the silicon-
nitride membrane. This is obviously visible comparing the fluorescence microscopy 
images before (A) and after bilayer breaking (B) in Figure 4.29. The schematic repre-
sentation in the same figure visualizes the transformation from a freestanding lipid 
bilayer membrane to a lipid bilayer coated NP (similar to the coating by SUVs). The 
height of the ionic current signal after membrane breaking was calculated by chan-
ging the buffer concentration from mM20  KCL to M1  KCL during the attempt to 
incorporate α-hemolysin. The actual current signal ( pA21 000 ) was even higher than 
the pA10 000  as shown in this figure (the recording LabView software has a cutoff 
limit of pA10 000 ). Nevertheless, the actual measured current was readable on the 
digital display of the patch clamp amplifier. 
According to the discovery of this new way of lipid bilayer coating, the buffer was 
changed back to mM20  KCL. This was necessary for later OT measurements, as well 
as for verification of complete NP wall coating. Because of a reduction of the NP dia-
meter in the expected range, straight DNA-threading experiments were performed 
(see the obtained force-distance curve in Figure 4.11 on the left).
Incorporation of α-hemolysin and free ssDNA translocation
In the following paragraphs the data for a successful GUVs rupture and α-hemolysin 
incorporation experiment at low salt concentration ( mM50  KCL) will be presented. 
The upper diagram in Figure 4.30 demonstrates the GUV rupture and NP sealing 
event by ionic current recording. After changing the setup a very stable ionic current 
signal with low noise was observed. As expected the current signal was linear depen-
dent on the applied voltage. The NP was properly sealed and the electric resistance 
Figure 4.29
Freestanding bilayer turns into 
lipid bilayer-coating. 
The upper diagram shows the 
sealing event by GUV rupture. 
The respective bilayer patch is 
visible in image A. The bottom 
diagram illustrates the bilayer 
breakage. According to this 
rupture event a second bilayer 
patch is visible in image B. The 
transformation into a bilayer 
coating is also pictured as sche-
matic sketch.
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
GUV sucrose concentration: 
300 mM; NP-Ø = 46.6 nm 
(uncoated); NP-Ø = 37 nm 
(with coating); buffer: 20 mM 
KCL (GUV rupture) and 1 M KCL 
(bilayer breaking), with respec-
tive 2 mM Tris/HCL at pH 8]
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was determined to be . GΩ0 8 . First, µl5  fresh prepared α-hemolysin ( . ng ml2 5 , sol-
ved in mM20  KCL buffer) was added to the top reservoir, while a constant 
transmembrane voltage of mV200  was applied. No distinct change in current signal 
was observable after min10 . After µl5  of the α-hemolysin solution was additionally 
added and min10  elapsed, the first recorded steps in the ionic current signal were 
taken.
Four examples for single or multiple step events caused by incorporation of 
α-hemolysin into the freestanding lipid bilayer membrane are shown in Figure 4.31. 
The measured stepwise increase of the ionic current can be just temporary (step up 
and step down), as well as long-lasting (images I and II). Due to the same height of 
each step, it can be hypothesized that each step event refers to the incorporation of 
a single α-hemolysin pore into the lipid bilayer membrane.
Figure 4.30
Upper diagram: Ionic current vs 
time during a GUV sinking and 
bursting process. 
The IU-curve on the bottom left 
exhibits linear dependency. 
Also a stable ionic current signal 
with low noise was observed.
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
GUV sucrose concentration: 
300 mM; applied Voltage: 
100 mV; buffer: 50 mM KCL 
and 2 mM Tris/HCL at pH 8] 
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Figure 4.31
Discrete steps in the current 
signal during incorporation of 
single α-hemolysin pores into 
the lipid bilayer (I,II and III). 
After integration of (probable) 
three biopores the ionic current 
was very stable and had low 
noise (IV). 
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
GUV sucrose concentration: 
300 mM; applied Voltage: 
200 mV; buffer: 50 mM KCL 
and 2 mM Tris/HCL at pH 8] 
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The diagram III in Figure 4.31 shows several biopores that were incorporated one by 
one. After approximately min5 , three individual α-hemolysin pores were steadily 
integrated into the bilayer and exhibited a stable current signal (diagram IV).
The observation for a current step down (Figure 4.31 I) is usually not expected in 
context of α-hemolysin incorporation, once such a biopore is integrated into a lipid 
bilayer it will not be extracted anymore. Due to the fact that the α-hemolysin was 
added to the trans reservoir, this finding entails that these biopores can incorporate 
not only into the bilayer above the NP, but also next to it (see Figure 4.32). Additio-
nally, the biopore is not restricted to the place of incorporation and can diffuse within 
the lipid bilayer membrane[248]. Based on this discovery the biopore containing droplet 
was added to the bottom compartment of the sample chamber in subsequent expe-
riments. This prevents the α-hemolysin from diffusing outside of the NP area as it is 
indicated by the arrows in the sketch in Figure 4.32.
As it is visible in Figure 4.31 D, the ionic current signal was very stable and had a 
low noise level, which is important for accurate investigation and discrimination of 
later translocation events. As introduced in chapter 3.3.3, a DNA-microbead cons-
truct with a single-stranded overhang (poly(dT)130) was proposed for controlled OT 
force measurements. These ssDNA oligos (with poly(dT)130) were, at this time, not 
yet available, and thus free translocation of 12 bases short oligos was investigated 
instead. 
These oligos should be detected by the coulter-counter method while they are trans-
locating through the α-hemolysin pore. For this method a constant transmembrane 
Figure 4.32
The diffusion abilities of 
α-hemolysin pores within 
a bilayer depends on the 
orientation with regard to 
the solid-state NP.
Figure 4.33
Four diagrams presenting free 
translocation of single-stranded 
DNA fragments by the coulter 
counter method. 
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
GUV sucrose concentration: 
300 mM; applied Voltage: 
200 mV; buffer: 50 mM KCL 
and 2 mM Tris/HCL at pH 8]
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voltage was applied and the translocation events should appear as a significant short-
time change in the ionic current signal. In Figure 4.33 four different measurements 
exhibiting distinct translocation events are presented. These events look similar to 
former applied coulter counter experiments using solid-state NPs1, but translocation 
times are much longer than expected for such short ssDNA fragments with a length 
of 12 bases.
As it is shown in the histogram2 of Figure 4.34 the translocation time with the most 
recorded number of events was approximately msec100 . There were also a small 
number of peaks with a translocation time of more than 400 msec, but the main part 
of events was between msec50  and msec150 . These translocation times were signi-
ficantly higher than reported in the literature. 
For instance, Meller et al. found most probable translocation times of 120 and
µsec330  for ssDNA poly(dC)100 and poly(dA)100 molecules, respectively[249]. A poten-
tial reason for the extendet translocation time (or better named “translocation 
duration/blockade time”) was the possibility of single-stranded DNA fragments buil-
ding secondary structures, thorugh intramolecular base pairing the ssDNA forms a 
hairpin loop structure. According to the insertion of a small extending single-stranded 
part of the folded ssDNA fragment into the α-hemolysin pore, the hairpin loop struc-
ture has to unzip before sliding completely through the biopore. Due to this change 
in conformation apparent higher and broader distributed translocation duration times 
were observed. The respective spatial orientation and loop length was responsible for 
strongly varying translocation times. Mathé and coworkers presented data3 for unzip-
ping events of hairpins structures during translocation of ssDNA with a blockade time 
of ~ msec70 [250]. The unzipping kinetics of a hairpin, while it is lodged in the pore, is 
influenced by the rivalry between the sliding process and the rezipping. Once a nuc-
leotide is unzipped it can either slide along the pore channel (thus blocking the 
rezipping) or rejoin the hairpin[250]. Vercoutere et al. also discovered that the blo-
ckade time increases with increasing length of hairpin stems[22]. Further, they 
demonstrated the possibility to resolve single nucleotide or single base pair differen-
ces between otherwise identical DNA molecules forming hairpins[22].
1  Compare Figure 45 in the thesis of Dr. André Spiering[130].
2  The peaks of this histogram (and of the following) are analyzed using a LabView program of 
Dr. Lukas Bogunovic based on an event-fitting algorithm.
3  The experimental parameters (e.g. applied voltage and buffer concentration) differ from the 
conditions of the above described experiments (for more details see the material section of the 
respective paper). Nevertheless, the principle impact of a hairpin structures on the translocation 
process should be not affected.
Figure 4.34
Histogram presenting the 
distribution of the recorded 
translocation time of each 
event. 
The most probable translocation 
duration time lies between 50 
and 150 msec at the low salt 
concentration of 50 mM KCL. 
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It is also interesting to note that the ionic current change of translocation events 
increased during translocation. Even though this behavior is already known for NPs 
with much larger diameters[130], it was not expected to occur with α-hemolysin pores. 
Smeets et al. published in 2006 that the reason for an increasing current signal 
during translocation of DNA fragments through solid-state NPs is the low salt con-
centration[251]. To verify if the sign of the current change using α-hemolysin pores 
really depended on the salinity of the solution, a control experiment with a high salt 
concentration but otherwise same conditions was performed. A detailed description 
about the source of current change is given in the next section.
Due to the small number of recorded translocation events, the distribution of the 
peak height is not highly representative. Nevertheless, the data suggest that the 
most probable peak height for this experiment lies between pA−9 11  (see Figure 
4.35).
Figure 4.35
Histogram illustrating the 
distribution of recorded peak 
heights. The most probable 
peak height for this experiment 
lies between 9 -11 pA 
at the low salt concentration 
of 50 mM KCL.
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Experiments at high salt concentrations
As noted above this experiment was also executed at a high salt concentration 
( M2  KCL). Figure 4.36 shows the GUV rupture and sealing process. Again, the ionic 
current signal was very stable with low noise and was linearly dependent on the 
applied voltage. The NP appeared to be properly sealed and exhibited an electric 
resistance of nearly . GΩ0 8 .
After the addition of freshly prepared α-hemolysin (applied voltage mV100 ), several 
distinct steps in the ionic current signal were observed (see left diagram in Figure 
4.37). The IU-curve for the lipid bilayer membrane with incorporated α-hemolysin 
pores showed a linear dependence. The height of the ionic current compared to the 
previous performed experiment with low salt concentration is noteworthy. 
Even though the currently used M1  KCL concentration is 20 times larger (compared 
to mM50 ), the ionic current signal (with integrated biopores) only increased by 40 % 
(compare Figure 4.31 IV and Figure 4.37 right). In this context, one has to act with 
caution given the experimental parameters that were applied. Taking into account the 
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Figure 4.36
Upper diagram: Ionic current 
versus time while a GUV burst 
and sealed the NP. The IU-curve 
on the bottom left exhibits linear 
dependency. The ionic current 
signal was stable and with low 
noise. 
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
sucrose concentration: 
300 mM; applied Voltage: 
100mV; buffer: 1 M KCL 
and 2 mM Tris/HCL at pH 8] 
Figure 4.37
The left diagram shows discrete 
steps in the current signal 
during incorporation of single 
α-hemolysins. 
After integration of (probable) 
four biopores the ionic current is 
stable (right diagram). 
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
sucrose concentration: 
300 mM; applied Voltage: 
100 mV; buffer: 1 mM KCL 
and 2 mM Tris/HCL at pH 8]
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differences in the applied voltage and the probable number of incorporated biopores, 
the variation caused only by the salinity revealed an increase by a factor of 2.5. This 
value is still less than expected. Other variations besides the controlled parameters 
might differ, such as the surface charge of the NP region.
Nevertheless, it was possible to perform free translocation experiments using 
the same type of ssDNA fragments as in the previous studies. In Figure 4.38 six 
examples are presented showing single translocation events. Few decreases in time 
intervals with a width of several seconds were recorded along with many short time 
drops (diagram II and V). These drops appear to be not caused by single ssDNA 
translocations. The probability that these events can be interpreted as an extraction 
event of α-hemolysin molecules is not realistic because of the different step height. 
As such, these long lasting events are neglectable in the following analysis of the 
drop characteristics.
The histogram in Figure 4.39 illustrates that the translocation time with the most 
recorded number of events lies between msec16  and msec100 . There was also a 
small number of drops with a translocation duration time of more than sec1 , but the 
events shorter than msec200  dominated. 
Altogether these translocation times were clearly shorter than the ones observed at 
low salinity, but higher than the reported values in the literature. This finding sug-
gests that the previously described hairpin loop structure seem to assist the longer 
blockade times because of the required time for unzipping. Proving that the observed 
Figure 4.38
Six diagrams presenting free 
translocation of single-stranded 
DNA fragments by the coulter 
counter method. 
[Parameters: Lipid mixture: 
DOPC:DOPG:Rhod-DOPE 
(99:0.995:0.005 mol%); 
GUV sucrose concentration: 
300 mM; applied Voltage: 
100 mV; buffer: 1 M KCL 
and 2 mM Tris/HCL at pH 8]
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translocation events are definitely caused by DNA molecules, we rinsed the DNA 
containing solution after a successful experiment twice with fresh buffer. After this 
washing step no further translocation events could be monitored. This procedure was 
also performed in subsequent experiments at low salt concentration, leading to the 
same result.
In contrast to the translocation time, the sign of current change occured as expected. 
At this high salinity with M1  KCL the current change appeared as a drop in the signal, 
as was also observed for silicon-nitride NPs at this concentration. The distribution of 
the recorded drop depths in Figure 4.40 is once again not highly representative and 
even broader than for the previous experiment. Therefore, it is not possible to point 
out a most probable drop depth, whilst more data is not available.
Nevertheless, these results verify that the sign of current change using α-hemolysin 
pores really depended on the salinity of the solution. Smeets et al. published in 2006 
that the nanopore conductance is affected by surface charges in the pore region[251]. 
The charge carriers in the solution should dominate the ionic current using a buffer 
with high salt concentrations (e.g. M1  KCL). Hence, the nanopore conductance scales 
linearly with the amount of charge carriers. Furthermore, mobile ions (K +counterions 
screening the negative surface charge of the silicon nitride nanopore) contribute to 
the overall ionic current. The number of these counterions depends also on the 
strength of the salt concentration[251]. Thus, the total ionic current through a nano-
pore is identical to the sum of the contributions of the ion bulk concentration in 
solution and the counterions shielding the surface charge. Adding an ssDNA molecule 
Figure 4.39
Histogram presenting the 
distribution of the recorded 
translocation time of each event 
(except the long lasting ones). 
The most probable translocation 
duration time lies between 
50 and 150 msec at the high 
salt concentration of 2 mM KCL. 
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Figure 4.40
Histogram illustrating the 
distribution of recorded peak 
heights at the high salt 
concentration of 2 mM KCL.
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to this calculation, one has to consider two competing effects. On the one hand, the 
conductance is reduced due to the volume that is occupied by the DNA molecule 
inside the NP. This means that introducing the DNA strand into the nanopore influen-
ces the bulk conductance by reducing the number of charge carriers which are 
available for ionic transport[251,252]. On the other hand, the charge of the DNA back-
bone is shielded by a cloud of mobile counterions, which increase the number of 
charge carriers available for ionic transport and provide a positive contribution to the 
total ionic current[253].
With these pre-considerations the influence of the salt concentration on the current 
change during DNA translocation can be explained. At high salinity the ion bulk con-
centration dominates, so that the occupied volume by the DNA has a larger (negative) 
impact to total ionic current than the mobile cloud of counterions leading to current 
drops. Whereas at a low salinity the ions of the mobile cloud shielding the DNA have 
an (positive) impact leading to current peaks, because both the bulk concentration 
and the surface screening counterions are considerably decreased.
It would be interesting to repeat this experiment with the theoretically predicted[251] 
crossover point at a KCL concentration of approximately mM370 . At this concentra-
tion no change in the current signal should be noticeable during DNA translocation 
events. The absence of this experiment, as well as the lack of further translocation 
observations (at high and low salt concentrations) are a result of unsuccessful 
α-hemolysin incorporation. Over 15 experiments were performed leading to proper 
NP sealing by lipid bilayer membranes with low noise that were stable for hours, but 
no biopore incorporation could be observed. Testing different concentrations and new 
ordered batches of α-hemolysin also did not succeeded, nor did the application of 
different voltage driven protocols (as demonstrated e.g. by Renner et al.[254]). 
Due to this situation it was also not feasible to use the above mentioned dsDNA frag-
ments with an ssDNA overhang for performing controlled translocation experiments 
by OT.
Because of the high time and effort required to execute this method of bilayer forma-
tion, a third experimental method was demonstrated for generating faster and more 
reproducible lipid bilayer membranes without losing the ability of operating optical 
tweezers experiments. This method is described in the next chapter 4.2.3. 
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4.2.3 Ionovation Bilayer Slide
As described above, the desired method for generating freestanding lipid bilayer 
membranes should be fast and reproducible. For this reason, the commercial availa-
ble Bilayer Slide (Ionovation GmbH, Germany) was considered1. A detailed overview 
of the Bilayer Slide structure is given in chapter 3.3.4. The principle of this device is 
illustrated step-by-step in Figure 4.41.
The device consists of two channels, which are separated by a µm12  thin PTFE (poly-
terafluoroethylene, teflon) foil. The foil contains an oval aperture ( x µm50 30 ) and 
is highly hydrophobic. The phospholipid (DPhPC) was solved in n-decane2 and . µl0 2
of this mixture was added manually near the aperture (sketch I). Prior to this proce-
dure, both channels had to be filled with buffer solution without creating any 
microbubbles of air (which would hinder the free flow of the solution and ionic current 
measurements). Once the buffer solution was removed by sucking, the lipid-decane 
droplet is smeared across the PTFE foil and thus filled the aperture with a lipid-
decane plug (see sketch II to V). As a result of back flushing the buffer into the upper 
channel, the lipid-decane plug was stabilized (sketch VI and VII) and the formation 
of a lipid bilayer membrane surrounded by an annulus (sketch VIII) was observed. 
The thinning process has been reported to occur spontaneously and within several 
minutes[255]. As soon as the lipid annulus was visible the lipid bilayer membrane was 
prepared for α-hemolysin incorporation attempts. 
1  First instructions regarding the Ionovation technology were conducted at the III. Institute 
of Physics (Jörg Enderlein Laboratory), Georg-August-University Göttingen (Germany), with kind 
support by Jan Thiart.
2  In the following text n-decane is shortened to decane.
Figure 4.41
Schematic sketch of the 
lipid bilayer generation 
procedure utilizing the 
“Ionovation Bilayer Slide”. 
First a volume of 0.2 µl was 
added next to the aperture 
on the PTFE foil (image I). 
Afterwards the buffer of the 
upper channel was removed and 
caused the formation of a lipid-
decane plug within the aperture 
(image II to V). Back flushing 
of the buffer leads to initial 
plug thinning. Finally, a lipid 
bilayer membrane was formed 
spontaneously.
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For better observation and for studying the formation and thinning process, the fluo-
rescence microscopy setup was used, before changing to the OT setup. As described 
in chapter 3.3.4 the Bilayer Slide was connected to a syringe pump system. Both 
syringes were utilized for suction and flushing, independently of one another, and 
each syringe was connected via a switchable valve with either tube connector A and 
B or C and D, respectively. The sucking and flushing velocities were found to be cri-
tical for bilayer formation. The volume of sucked liquid and the volume of back 
flushing liquid, respectively, were only predetermined by the channel dimensions and 
initial level of filling. The main parameters for the most successful lipid bilayer gene-
ration cycle are presented in the following schematic. In short, after suction of the 
buffer ( µl sec52  for sec2 ) it appeared to be advantageous to flush back the extrac-
ted volume via both inlets B and C (each with µl sec13  for sec4 ). In addition to these 
two steps a break of sec10  was added to the software controlled bilayer generation 
sequence. This sequence was repeated until a successfully formed lipid-solvent plug 
was observed. The cycle was only stopped during the break to ensure a complete 
filling of the channel.
To get better insight in the bilayer formation process, Figure 4.43 combines micro-
graphs and schematics of one of the earliest attempts. The first three images were 
obtained by transmitting light microscopy showing the suction of the buffer solution 
and leaving the lipid-decane plug within the aperture. The latter is only visible by 
fluorescence microscopy (IV). After flushing back the buffer (V - VII) thinning and 
bilayer formation was observed (VIII). In this experiment the bilayer broke shortly 
after formation (IX), which can be clearly distinguished from the thinned bilayer.
It was often observed that the formed plug broke before it was accurately thinned 
out. However, it was easy to start a new sequence, due to the connection to the 
syringe unit. In general three to five cycles were necessary to obtain a stable lipid 
bilayer membrane. Additional cylces were never successful when the lipid-decane 
plug formation step failed more than three times. Thus, a new lipid-decane droplet 
was added near the aperture after three failed attempts. This procedure could be 
Figure 4.42
Schematic sketch visualizing 
the pump cycle parameters that 
led to the most successful lipid 
bilayer generation. More details 
are in the main text.
Figure 4.43
Micrographs showing the bilayer 
generation process, each step 
is visualized by a schematic. 
Images I to III are transmitting 
light micrographs and images 
IV to IX are fluorescent micro-
graphs. The difference between 
an already thinned lipid bilayer 
(VIII) and a broken bilayer (IX) 
was clearly visible.
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repeated up to five times before slide washing (with MiliQ®-water and isopropanol) 
was mandatory. Images I to IV in Figure 4.44 nicely demonstrate the plug forming 
step in more details as above. The lipid-decane droplet was forced by the solvent 
flow to smear over the PTFE foil and appeared as slightly shining clouds (II and III). 
A lipid-decane filled plug within the aperture occurred once this cloud has crossed 
the aperture (IV). 
A supplementary impression of frequently observed phenomena is given in the bot-
tom row in Figure 4.44. Image A shows a thinned bilayer with a microbubble of air 
integrated to the annulus. Anytime this was observed the bilayer broke within the 
next several minutes. The small air bubble or vesicles visible in image B, C and D 
(frequently detected when more plug forming cycles were performed) had no such 
dramatic impact on the lipid bilayer lifetime, but appeared to hinder the thinning 
process.
Bilayer thinning and lipid-solvent annulus appearance
When a lipid-decane plug was successfully generated, the thinning process was 
observed over a long time. Figure 4.45 demonstrates a thinning that took about
min45 , resulting in a clearly visible annulus in the transmitting light micrograph (V). 
The area of the formed lipid bilayer membrane appeared very dark in contrast to 
the surrounding lipid annulus when fluorescence microscopy was used. The lipid-
solvent annulus features always a higher fluorescence intensity because the labeled 
Figure 4.44
The aperture was flushed with 
lipid-decane mixture (I to III) 
resulting in an pore filled with a 
lipid-decane plug (IV). In some 
experiments the plug not only 
thinned out, but also bigger 
vesicles or air bubbles attached 
to it (A). It was very often 
observed that small vesicles 
ware lying the plug and hinde-
red the thinning (B, C and D).
[Parameters: Lipid mixture: 
DPhPC:Rhod-DOPE (99:1 vol%) 
25 mg/ml in n-decane; buffer: 
20 mM KCL and 2 mM Tris/HCL 
at pH 8]
Figure 4.45
In this experiment the thinning 
took about 45 min until the ini-
tial lipid-decane plug (I) thinned 
out forming a stable lipid bilayer 
membrane (V). The annulus was 
observable by transmitting light 
microscopy.
[Parameters: Lipid mixture: 
DPhPC:Rhod-DOPE (99:1 vol%) 
25 mg/ml in n-decane; buffer: 
20 mM KCL and 2 mM Tris/HCL 
at pH 8]
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lipid molecules were not only subjected to the buffer-decane interface (as simplified 
pictured in the inset in image VIII of Figure 4.41), but were also distributed in the 
lipid-decane annulus itself. This bilayer was stable for several hours and did not 
break when the setup was changed. As demonstrated in Figure 4.45 the combina-
tion of fluorescence and transmitting light microscopy was important. Even though 
the transmitting light micrographs provided pictures with more information once the 
annulus was formed, the step by step thinning process was only observed using fluo-
rescence microscopy. Thus, this combination was mandatory as long as the thinning 
time was not clearly reduced. A first approach to promote the thinning by creating 
a constant flow within the top or bottom channel or within both channels simultane-
ously had no significant influence. A further method to speed up this thinning process 
is presented later in this chapter.
To visualize the shape and curvature of the annulus the intensity gradient in image 
V (Figure 4.45) was analyzed. Twelve line plot profiles of the intensity are plotted 
indicated by the white lines in the micrograph (Figure 4.46). 
The obtained level of intensity in arbitrary units is then converted into approximated 
height in µm1. One exemplary single line plot is presented in Figure 4.46. The length 
of the bilayer area in the y-direction is estimated at approximately . µm12 5  and in the 
1  The thickness of the PTFE foil was 12 µm and the lipid bilayer membrane was supposed to be 
horizontally located in the middle of the PTFE sheet. It can be hypothesized that the distribution of 
the lipid molecules within the decane annulus was homogeneous and therefore, the intensity was 
directly connected to the height of the annulus. In this context the height of the dark area in the 
center of the aperture can be set as zero and the bright edge of the aperture as 6µm in height.
Figure 4.46
Fluorescence micrograph 
marked with white lines indi-
cating the position of analyzed 
intensity line plot profiles. 
One of these line plots is 
presented aside. The level of 
intensity (in arbitrary units) was 
converted into approximated 
height in µm (for more details 
see main text).
 
The 3D-plot resulted from 
combining 12 line plots together 
and it illustrates the annulus 
curvature and the flatness of the 
lipid bilayer membrane. 
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x-direction, ca. µm20 . These measurements lead to a lipid bilayer membrane area of 
approximately µm2196 , which is 15 % of the total aperture area. The combination of 
the twelve line plots leads to an illustrating 3D-plot (bottom diagram in Figure 4.46). 
Even though the information about the dimensions in µm is an approximation, it 
provides a realistic impression of the annulus curvature and the flatness of the lipid 
bilayer membrane.
Figure 4.47 shows six more examples for successfully generated lipid bilayer memb-
ranes after long lasting thinning. The lifetime of the bilayer in image F was only about
sec30  from exhibiting the annulus to breakage. The instability was once again likely 
caused by the air bubbles within the annulus. However, the bilayer in image A was 
stable for hours, although small vesicles lay directly on top of the annulus edge. The 
half-moon like arrangement of the vesicles was caused by the curved shape of the 
annulus. The final size of the lipid bilayer (or annulus) area differed drastically from 
experiment to experiment (compare image C and D). Sometimes the bilayer area 
increased slightly with time, but usually the size remained stable compared to initial 
formation. Moreover, it was found that the presence or absence of a constant liquid 
flow in the upper or bottom channel had no varying influence on the size.
Once a stable lipid bilayer membrane was observed, an IU-curve was recorded (see 
left diagram in Figure 4.48). As before, the ionic current signal depended linearly on 
the applied voltage. The aperture was properly sealed and the electric resistance was 
determined to be . GΩ2 4 . This value is comparable to obtained sealing resistances by 
GUV rupture experiments. Additionally, an IU-curve for a not-yet-thinned lipid-
decane plug within the aperture is presented. In this example the resistance was 
estimated to be GΩ166 . The ionic current signal for a lipid bilayer membrane was 
also found to be stable over a long period of time and with low noise (see right dia-
gram in Figure 4.48). As described in the methods section (3.3.4), the ionic current 
(as presented here) was much less noisy without allowing the tube connectors to be 
in contact with the Bilayer Slide reservoirs. For characterization of the lipid bilayer 
Figure 4.47
Six examples for successfully 
thinned lipid-decane plugs that 
formed a lipid bilayer memb-
rane. In each image the annulus 
was visible. 
[Parameters: Lipid mixture: 
DPhPC:Rhod-DOPE (99:1 vol%) 
25 mg/ml in n-decane; buffer: 
20 mM KCL and 2 mM Tris/HCL 
at pH 8]
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membrane, the capacitance was measured additionally1. With this value the specific 
capacitance was calculated, which is defined as capacitance per unit area[256].  The 
specific capacitance indicates how much solvent is contained in a lipid bilayer mem-
brane[256]. Due to non-ideal calibration of the LCR-meter the initial values obtained for 
the capacitance are unusable. Nevertheless, determining the specific capacitance will 
be an important tool and considerably improve the analysis of ongoing lipid bilayer 
studies.
Subsequent to measuring the ionic current to applied voltage characteristics 
α-hemolysin was added to the buffer solution. Again, no distinct steplike changes in 
the ionic current signal and thereby incorporation of a biopore could be observed. As 
for the GUV studies different buffer concentrations, new batches of α-hemolysin and 
voltage driven protocols were unsuccessful.
Enhancement of the thinning process
It was possible to enhance the thinning process by using a mixed solvent of n-decane 
and 1-hexanol. Osaki et al. demonstrated that mixing of 1-hexanol rapidly reduced 
the thickness of the lipid-solvent plug, and thus effectively promoted the thinning 
and the lipid bilayer formation process[73]. A further advantage using 1-hexanol as a 
solvent component was that the possibility for solvent molecules to remain within the 
lipid bilayer was reduced[73]. The optimal ratio of n-decane to 1-hexanol was found 
to be 3:2 (for this setup as well as for the Bilayer Slide). Figure 4.49 presents the 
observation that utilizes this solvent ratio.
1  The LCR-meter was integrated in the setup within the last months of the experimental work. 
Thus, only a few measurements with simultaneously capacitance recordings were executed.
Figure 4.48
The IU-curve for lipid-decane 
plug within the aperture and for 
a lipid bilayer membrane. The 
ionic current signal was stable 
and had low noise. 
[Parameters: Lipid mixture: 
DPhPC:Rhod-DOPE (99:1 vol%) 
25 mg/ml in n-decane; 
buffer: 20 mM KCL and 2 mM 
Tris/HCL at pH 8]
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Figure 4.49
Fluorescence and transmitting 
light micrographs showing the 
accelerated thinning process 
using a mixture of n-decane 
and 1-hexanol. The image E 
in Figure 4.47 with observable 
annulus was obtained 2 min 
after image IV in this figure. 
[Parameters: Lipid mixture: 
DPhPC:Rhod-DOPE (99:1 vol%) 
5 mg/ml in n-decane:1-hexanol 
(3:2 vol%); buffer: 20 mM KCL 
and 2 mM Tris/HCL at pH 8]
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The thinning duration was min17  until an annulus was observed (image V in Figure 
4.47). This is more than twice as fast than without adding 1-hexanol to the solvent. 
Using an even higher ratio (e.g. 70 % 1-hexanol) led to an increasing probability for 
breakage (even before appropriate thinning). This behavior was independently disco-
vered by Osaki et al., whereas they found the critical ratio to be 90 %, since n-decane 
cannot reinforce the lipid-solvent annulus[73].
Interesting phenomena
At the end of this chapter some interesting effects referring to the interplay between 
the lipid-solvent annulus and the OT laser focus are presented1. Varying the lipid 
composition to enhance the stability of the bilayer, a mixture with . %vol0 5  cholesterol 
was tested (apart from that the mixture was like the composition described in the 
caption to Figure 4.49). After a proper thinning and bilayer formation (see Figure 
4.50 I), the setup was changed and some microbeads were added to the buffer solu-
tion to test the physical strength of the lipid bilayer membrane. Shortly afterwards, 
the membrane broke; this event is visible in image II. The appearance of the border 
between bilayer and annulus changed and it was possible to observe small vesicles 
or dirt particles moving through the aperture. The microbeads themselves could not 
be the cause of breakage, due to the fact that the beads reached the region of aper-
ture noticeably after bilayer damage. 
In all prior experiments the breakage of the bilayer was accompanied by a full dis-
appearance of both the bilayer and the surrounding annulus, but in this case, the 
annulus persisted. In previous studies the OT trapping laser focus never had an 
observable influence on the stability and shape on the bilayer and the annulus. How-
ever, this persistent annulus could be deformed by the laser focus as it is visible in 
image III – VI of Figure 4.50. 
1  This experiments were performed under my supervision by Roland Hillmann, who will continue 
the ongoing experiments.
Figure 4.50
Micrographs showing interesting 
effects after lipid bilayer brea-
king. According to the breaking 
of the bilayer (compare image 
I and II), a deformation of the 
remaining annulus induced by 
the laser focus was observed 
(image II to VI). 
[Parameters: Lipid mixture: 
DPhPC:Rhod-DOPE:Chol 
(99:0.5:0.5 vol%) 5 mg/ml in 
n-decane:1-hexanol (3:2 vol%); 
buffer: 20 mM KCL and 2 mM 
Tris/HCL at pH 8]
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Once the laser focus lasted for some tens of seconds on the same spot of this annu-
lus, this area seems to disappear and thereby increasing the annulus boundary. 
In Figure 4.50 V several disappeared areas can be identified. The fluorescence micro-
graph (image VI) also supports the hypothesis that the annulus still exhibited its 
former slightly curved shape, except for the disappeared areas, which have a distinct 
and sharp edge. This indicates that the annulus had no fluid character anymore, but 
seemed to be hardened. Whether or not this effect was caused by the additional cho-
lesterol remains unclear because attempts with this mixture without any influence of 
the laser focus had been also performed.
As indicated by the last finding, there are still many compositions to be tested and 
perhaps this “hardening effect” will help to develop even more stable lipid bilayer 
membranes. Nevertheless, it could be demonstrated that this setup allows for swift 
and reproducible generation of freestanding lipid bilayer membranes. The main focus 
for the ongoing work will be to locate the reason why the incorporation of α-hemolysin 
pores has, thus far, not been feasible.
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5 Summary and Outlook
The study of NP-based systems covers a wide range of scientific research areas, 
however, the prospect of sequencing DNA by this technique is the most prominent 
one and the driving force for the key developments of the past few years. This has 
led to an intensified competition in order to push forward accurate, low-cost sequen-
cing into clinical space. Accordingly, this NP-based technology has the capability to 
revolutionize basic research and clinical medicine (sequencing a diploid mammalian 
genome for ~ $ 1 000 in about h24 ), as well as to enter new customer sectors, which 
need genetic fingerprinting for food safety, forensic science or agricultural biotechno-
logy. The numerous experimental studies of DNA translocation events through NPs 
have progressively led to the question about the fundamental understanding of such 
a translocation process. The estimation of the involved threading force is of essential 
significance for the purpose of characterizing this mechanism. Integrating a NP into 
an optical tweezers system demonstrated the feasibility to control the position of a 
molecule with respect to the NP and to monitor the acting forces directly. However, 
an unambiguous theory of the hydrodynamic impact on the DNA translocation pro-
cess remains to be achieved. This issue was addressed by the first experimental part 
of this thesis via investigation of NP surface modifications by means of lipid bilayer 
coatings and through subsequent characterization of the related effects on optical 
tweezers DNA threading force measurements. Besides this coating strategy, three 
different methods for generating freestanding NP-spanning and stable lipid bilayer 
membranes were examined in the second experimental part. These biological mem-
branes should be suitable for both incorporation of biological pores like α-hemolysin 
and subsequent optical tweezers force measurements. 
In the first experimental part, optical tweezers with video-based image analysis were 
utilized to study and compare threading forces acting on a single dsDNA molecule 
situated inside a bare silicon nitride NP, as well as inside a lipid bilayer-coated solid-
state NP. Inspired by the work of Yusko et al., a fabrication protocol for the coating 
process of the NP containing microchips (by means of small unilamellar vesicles) was 
developed and established, leading to a successful and reproducible modification 
protocol of an unmodified silicon-nitride surface. The presence of such a lipid bilayer 
coating has been confirmed by fluorescence microscopy and by comparing the vary-
ing ionic currents, wether the chip was coated or not. This is feasible because a lipid 
bilayer does not only alter e.g. the surface charge density, but it also causes a decay 
of the NP diameter by twice the thickness of a single bilayer. The changes in the ionic 
current signal were found to be very sensitive and accurate, thus allowing for the 
estimation of the reduced NP diameter, which is a strong indicator for the quality of 
the bilayer coating within the pore. Besides the coating, the general dependence of 
the NP diameter on the measurable value of the threading force was also studied for 
both coated and uncoated NPs. In general, a strong increase in the threading force 
upon decreasing the diameter of the bare NPs was observed, which can be attributed 
to a significant reduction of the EOF. Interestingly, after coating the NP walls with an 
electrically neutral lipid bilayer the recorded threading forces increased by 80 % (on 
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average). This increase could only partially be attributed to the reduction of the NP 
diameter due to the coating, since such a variation in NP size (~ nm10  smaller dia-
meter) would only account for a small increase of the measured force. Therefore, it 
can be proposed that the enhanced forces originate from a substantial reduction of 
the EOF through the NP. In order to describe these experimental results, an electro-
hydrodynamic theory was introduced (in close cooperation with the Condensed 
Matter Theory Group at Bielefeld University), which adopts Poisson, Nernst-Planck, 
and Stokes equations. In this context, the effects of reasonable modifications to the 
model, as well as varying surface charge and slip effects were discussed. It was dis-
covered that the incorporation of a hydrodynamic slip length of .slipl nm= 0 5  on the 
DNA surface sufficiently describes the examined threading forces for lipid bilayer 
coated as well as untreated NPs. This finding is a considerable indication that the 
surface nanostructure of the DNA (hydrophobic grooves and hydrophilic phosphate 
groups) has to be considered to gain a deeper understanding of the polyelectrolytes 
dynamics in such a highly confined environment of a NP and may be a part of the 
puzzle of an unambiguous electrohydrodynamic theory in the future. Beside the rele-
vance for the theoretic model, it was found, that the use of a lipid bilayer-coating 
additionally prevents NPs from clogging and minimizes non-specific binding effects, 
which present a noticeable improvement of the experimental process. 
The second project covers three different techniques, which have the common aim 
to generate freestanding lipid bilayer membranes. In the first instance the Langmuir-
Blodgett technique was utilized to transfer a lipid monolayer simultaneously on both 
sides of a pore-containing solid-state membrane, forming a lipid bilayer within the 
pore region. Even though, the first experiments were promising, a truthful forma-
tion of such a bilayer could not be obtained. Different strategies for avoiding the 
disturbing air bubble within the window area of the chip by changing the dipping 
angle or by altering the surface modification of the membrane, led to no significant 
enhancements.
The second explored technique involved the production of giant unilamellar vesicles 
(GUVs) and their application to create a pore-spanning bilayer, by bursting the GUVs 
on the membrane surface. An efficient fabrication protocol was developed, leading to 
a reproducible (and fine-tunable) generation of GUVs, as well as repeatable observa-
tion of bursting events. Using the determined optimal lipid composition, filling 
properties and surface modifications, the sealing of the NP by GUV adsorption and 
rupture could be monitored and simultaneously verified by fluorescence video micro-
scopy and ionic current analysis. The distribution of the measured resistances across 
the NP ranged from . GΩ0 2  to . GΩ5 5  (with a mean resistance of . GΩ2 2 ) and were 
shown to be independent of the diameter of the sealed solid-state NP and the used 
buffer concentration. Once a stable bilayer was achieved, the incorporation of the 
pore-forming protein α-hemolysin could be demonstrated. The embedding of a single 
protein pore was recorded by a stepwise increase of the ionic current signal at com-
paratively low noise background. Starting with the translocation of single-stranded 
DNA oligomers at varying experimental conditions, the dependence of the buffer’s 
salinity on the sign of the current change (either peaks or drops) was studied, confir-
ming the results by Smeets et al. Measurements on this biopore-system with optical 
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tweezers could not be executed, due to later occurring problems concerning the 
incorporation of α-hemolysin. Nevertheless, it was also demonstrated that a breakage 
of a freestanding bilayer (generated by GUVs) is not always unfavorable, but can lead 
to the formation of a lipid bilayer coating, similar to those generated by SUVs.
Finally, the commercially available Bilayer Slide was integrated into the existing 
setup, which was extended by a syringe pump system. According to the establish-
ment of a working routine for a swift and reproducible formation of a freestanding 
lipid bilayer the incorporation of α-hemolysin was tested. Unfortunately, this gap-
filling step towards optical tweezers force measurements on a biological pore system 
remains open. However, this strategy as well as the GUV bursting technique still 
bears the potential to succeed in generating the first reported threading force mea-
surements by OT on a biopore, once the issue of proper α-hemolysin incorporation 
is solved sufficiently.
In conclusion, the experimental results presented in this thesis have expanded upon 
the force measurements in solid-state NPs to include the surface modification by a 
lipid bilayer coating, which results in higher recordable DNA threading forces, and 
thus leads to a more comprehensive theoretical description of polyelectrolyte dyna-
mics in NPs. In addition, a fundament of preparation techniques was explored and 
established for future OT single-molecule threading force measurements by means of 
biological NPs, such as α-hemolysin. Due to the lack of success within such an experi-
ment, the involved forces for translocation through a biopore (with its highly charged 
interior) still remain unknown and thus, hold the key for future insights.
It will be interesting to see how this field of research progresses in the coming years, 
both, in fundamental science and sequencing applications, where NPs provide versa-
tile properties as single-molecule sensors for polynucleotides, as well as for proteins.
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